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We determined plant and microbial biomass, major 
microbial groups, and β-glucosidase activity using 
soil zymography. Additionally, we followed carbon 
and nitrogen fluxes in the plant-soil-microorganism 
system by 13CO2 labelling of the atmosphere and 15N 
injection into top- and subsoil.
Results  Combining wheat genotypes with con-
trasting root phenotypes influenced microbial activ-
ity and nutrient uptake depending on water avail-
ability. Under well-watered conditions, the mixture 
performed similarly to the respective monocultures. 
However, under water-deficit conditions, it exhibited 
complementary nutrient acquisition strategies where 
the deep-rooting genotype accessed deeper soil lay-
ers, while the shallow-rooting genotype relied more 
on topsoil nitrogen. This was accompanied by a 
reduced release of plant-derived carbon into the soil, 

Abstract 
Background and Aims  Improving agricultural tol-
erance to climate change is crucial for food security. 
We investigated whether combining wheat genotypes 
with contrasting root architecture enhances plant per-
formance under varying conditions. Specifically, we 
examined how these genotype mixtures affect nitro-
gen uptake, carbon release and root-microbe interac-
tions compared to single-genotype plantings.
Methods  We exposed monocultures and a mixture 
of shallow- and deep-rooting spring wheat (Triticum 
aestivum L.) genotypes separately to well-watered 
and water-deficit conditions in a column experiment. 
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resulting in lower microbial abundance and reduced 
β-glucosidase activity compared to monocultures.
Conclusion  Our results show that plants grown in a 
mixture performed similarly to monocultures under 
well-watered conditions while acquiring nutrients 
more efficiently under water-deficit conditions. This 
highlights the potential suitability of combining geno-
types with contrasting root phenotypes under climate 
change. However, yield effects remained untested due 
to experimental constraints, warranting further inves-
tigation under field conditions.

Keywords  Root phenotypes · Water deficit · Soil 
zymography · Rhizosphere · Intraspecific diversity

Introduction

High yielding cropping systems often lack tolerance 
to pests, diseases, and extreme climate events, all of 
which will increase in frequency and intensity under 
future climatic conditions (Østergård et  al. 2009; 
Yuan et  al. 2023). For this reason, new cultivation 
methods are currently being developed, including 
strategies to enhance crop diversity (Gaba et al. 2014; 
Isbell et al. 2017). While the benefits of interspecific 
diversity, the growing of different species in close 
proximity to each other, are well documented in both 
natural and agro-ecosystems, the effects of intraspe-
cific diversity, the cultivation of different varieties of 
the same species in close proximity to each other, is 
less well studied (Bécu et al. 2024). Although differ-
ent plant varieties exhibit less trait variability as com-
pared to different plant species, their traits can still 
differ significantly (Cantarel et al. 2021). Wheat gen-
otypes, for example, are known to differ in nitrogen 
use efficiency, plant performance under different fer-
tiliser applications, and in their root traits (Colombo 
et  al. 2022; Ivić et  al. 2021). However, whether 
increasing intraspecific diversity in an agricultural 
system can influence the resilience of the system is 
not yet known.

The root system architectures of crops are crucial 
to their ability to take up water and nutrients from 
soil, directly impacting their growth, yield, and tol-
erance to environmental stresses (Langridge et  al. 
2021; Van der Bom et  al. 2020). As climate change 
intensifies, leading to more frequent and severe 
droughts (Yuan et al. 2023), optimizing root systems 

for improved water and nutrient uptake has become a 
major focus in plant science (Paez-Garcia et al. 2015). 
Different root system architectures offer contrasting 
advantages in terms of water and nutrient uptake and 
transport. Shallow root systems (SRS) can quickly 
utilise the nutrients in topsoil, which are often more 
abundant there due to the higher fertilizer input and 
decomposition of organic matter (Nakhforoosh et al. 
2021). Deep root systems (DRS), on the other hand, 
can access more mobile nutrients, especially nitrate, 
and water from deeper soil layers (Galindo-Castañeda 
et  al. 2022). Harnessing the potential of combining 
wheat genotypes with contrasting root architecture of 
the same species could potentially improve drought 
resistance and nutrient utilisation efficiency leading 
to more resilient agro-ecosystems.

In addition to possible benefits in water uptake 
from different soil depths, the presence of different 
root systems can also influence the uptake, distri-
bution, and availability of important soil resources 
such as nitrogen (N) and carbon (C) (Voss-Fels et al. 
2018). Following nitrate fertilisation, for example, 
underdeveloped root systems cannot fully utilise the 
fertiliser, leading to its leaching and volatilisation 
(Dunbabin et  al. 2003). A cultivation system with a 
wide range of rooting depths could help to capture 
fertilisers more efficiently and thus reduce leaching 
into the groundwater.

Combining plants with contrasting root architec-
tures may also enhance plant–microbe interactions 
throughout the soil profile by modifying the distri-
bution, abundance, and function of soil microorgan-
isms, which are essential for nutrient mobilisation 
and supply to plants (Lattacher et al. 2025; Van der 
Bom et al. 2020). A combination of contrasting root 
architectures could improve microbe-root interac-
tions within the entire soil profile through a more 
even distribution of rhizodeposits (i.e., exudates, 
cell debris, lysates). Rhizodeposits, especially root 
exudates, are known to promote microbial prolifera-
tion and activity in the rhizosphere, including stabi-
lisation of C and mineralisation of nutrients (Keilu-
weit et al. 2015; Le Gall et al. 2024; Ma et al. 2022; 
Wen et al. 2022). Deep root systems, through their 
root exudates, can support microbial populations in 
deeper soil layers where microbial activity is typi-
cally lower due to limited organic C and oxygen 
availability (Beule et  al. 2022). Shallow root sys-
tems, on the other hand, stimulate the proliferation 
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of microbial communities in the topsoil. This verti-
cal stratification of microbial habitats can lead to a 
more diverse and resilient soil microbiome, capable 
of responding to environmental changes and sup-
porting plant health and productivity under stress 
conditions (Galindo-Castañeda et al. 2024). In addi-
tion, the combined root systems could create a more 
favourable microenvironment for soil microorgan-
isms under water-deficit conditions. Hydraulic lift 
provides an increased supply of water to the upper 
soil layers, which might be crucial for the survival 
and activity of soil microbes during drought periods 
(Liste and White 2008). The increased soil moisture 
not only supports microbial life but also promotes 
the microbial processes that are essential for nutri-
ent cycling and decomposition of organic matter 
(Prieto et  al. 2012). Consequently, improved water 
availability can promote microbially mediated nutri-
ent turnover, increasing the availability of nutrients 
to plants.

In this study, we focussed on combining genotypes 
with contrasting root phenotypes of wheat (Triticum 
aestivum L.), since wheat is one of the most important 
staple foods worldwide, providing a significant pro-
portion of the daily calorie intake for millions of peo-
ple (Tadesse et al. 2019). Improving the tolerance and 
productivity of wheat through optimised root archi-
tecture is therefore of global importance (Ober et al. 
2021). We were particularly interested in whether co-
cropping of genotypes with contrasting root pheno-
types has a beneficial impact on C and nutrient fluxes 
in the soil-microbiome-plant system under water-
deficit conditions compared to using single genotypes 
in monoculture. We selected two experimental spring 
wheat lines with strongly contrasting seminal root 
angles. A wide root angle usually favours the forma-
tion of a shallow root system (SRS), while a narrow 
root angle leads to the formation of a deep root sys-
tem (DRS) (Alahmad et al. 2019; Kang et al. 2024). 
The experimental spring wheat lines were grown in 
columns under two different water regimes, well-
watered and water-deficit, in mono- and in mixed 
cultures. We studied the responses of C and N fluxes 
by isotopic labelling and how they affected the spatial 
distribution of microbial biomass and enzyme activity 
in soil. Le Gall et  al. (in press) additionally investi-
gated the root water uptake of the different genotypes 
under well-watered and water-deficit conditions in 
mono- and in mixed cultures in their study.

We hypothesized that a combination of geno-
types with contrasting root architectures will increase 
microbial abundance and enzymatic activity through-
out the soil profile compared to the monocultures, 
especially under water-deficit conditions, due to more 
efficient water use and more homogeneously distrib-
uted input of root exudates in top- and subsoil. The 
results of our study can help to develop effective 
strategies for managing soil fertility and crop tol-
erance under more extreme and changing climatic 
conditions.

Materials and methods

Experimental setup

Soil with a silt loam texture (22% clay, 66% silt, 
12% sand) was collected from the upper 30  cm of 
a Haplic Luvisol (Cai et  al. 2016) in an agricultural 
field located in Selhausen, Germany (50˚52′07.8′′ N, 
6˚26′59.7″ E) in November 2020 (Weihermüller et al. 
2007). The soil was homogenized, sieved to 2  mm, 
and air-dried. Columns with an internal diameter of 
11  cm and a height of 80  cm (7.6 L volume) were 
filled with 10.64  kg air-dried soil and compacted 
using a vibrating plate (Haver EML 450 Digital Plus 
N, Haver & Boecker, Oelde, Germany) to achieve dry 
bulk density of 1.4 g cm−3, which is representative of 
field conditions. Bulk density was kept homogene-
ous throughout the soil profile to limit variations that 
could affect root development and water infiltration. 
The soil of all columns was then saturated with water 
from the bottom of the column via a porous plate, 
simulating a moist spring, to enable similar conditions 
for germination and initial plant growth. Once satura-
tion was reached, soil columns were left to stabilize at 
field capacity for two weeks. After this period, water 
was applied from the surface according to the"WW” 
and “WD"treatments, simulating rainfall events. For 
this column experiment, two experimental spring 
wheat (Triticum aestivum L.) lines, UQR012 (shallow 
root system: SRS) and UQR015 (deep root system: 
DRS), with strongly contrasting seminal root angles 
(Rambla et al. 2022), were used. UQR012 exhibited 
a wider seminal root angle of approximately 110°, 
which leads to the formation of a shallower root sys-
tem, whereas UQR015 displays a narrower angle of 
about 66°, resulting in a deeper root system (Rambla 
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et al. 2022). The genotypes were developed by back-
crossing a donor source for narrow root angle to the 
high-yielding spring wheat cultivar Borlaug100. 
The plants were grown in mono- (SRS or DRS) and 
mixed cultures (MIX) in a climate chamber under 
controlled conditions. Four seeds were sown per col-
umn, and after emergence, the two strongest seed-
lings were selected and retained. Each monoculture 
column contained two plants of the same genotype 
(either SRS or DRS), while each mixed culture col-
umn contained one plant of each genotype (SRS and 
DRS). Air temperature was set to 20 ± 0.22 °C, rela-
tive humidity was set to 50.0 ± 2%. The light intensity 
followed a sinusoidal 24-h cycle from 0 μmol m−2 s−1 
at"night"(from 8 pm to 6 am) to 1200 μmol  m−2 s−1 
at"midday"(1  pm). Watering regimes were adjusted 
to vary in intensity, targeting a soil matric potential 
(pF) of 2.0–3.0 for the"well-watered"(WW) treatment 
and a pF of 3.5–4.5 for the"water-deficit"(WD) treat-
ment. The amount of water added over the 6-week 
experimental period corresponded to approximately 
137  mm and 21  mm of cumulative precipitation 
for the WW and WD treatments, respectively. This 
resulted in the following treatments: WW-SRS, WW-
DRS, WW-MIX, WD-SRS, WD-DRS and WD-MIX. 
Each treatment was replicated three times in three 
separate runs due to spatial limitation in the climate 
chamber, i.e., each run consisted of one replicate of 
each treatment. Growing conditions and treatments 
were kept identical across all runs, while the spatial 
positions of the treatments in the climate chamber 
were randomized within each run to avoid positional 
bias and ensure that treatment effects were not con-
founded by potential microenvironmental differences 
within the chamber (Table  S1). For the N, C and 

microbial analyses described in this study, “PVC soil 
columns” were used, while Le Gall et  al. (in press) 
used “acrylic soil columns” to determine the root 
water uptake in their study (Fig. 1). At the three-leaf 
stage, mineral fertiliser (calcium ammonium nitrate) 
equivalent to 60 kg N ha−1 was applied to each soil 
column. On day 39 after sowing, the subsoil (75 cm) 
was labelled with a 5 atom% 15N-NH4NO3 solution, 
equivalent to 10  kg N ha−1. It was injected using a 
syringe through a silicone-covered port on the side of 
the column to investigate the flow of N from the sub-
soil into the plant. Forty-eight hours after labelling, 
small parts of the youngest fully developed leaves of 
each plant were sampled. Immediately after the first 
leaf sampling, we labelled the topsoil with a more 
highly labelled solution of 20 atom% 15N-NH4NO3, 
equivalent to 10 kg N ha−1, at a soil depth of 5 cm, 
and 48 h later parts of the youngest fully developed 
leaves were sampled again. At the same time as the 
15N labelling of the topsoil, plants were pulse-labelled 
for 4  h with 13C-CO2 using an airtight chamber to 
track the flow of C from the plants into the soil and 
soil microorganisms. For the fumigation of the plants 
with 13C-CO2, 20 atom% 13C-sodium bicarbonate was 
used, which was released stepwise with 8.5% phos-
phoric acid over a period of 4  h. For this purpose, 
the CO2 uptake of the plants was determined one day 
before labelling using an isotope-ratio mass spec-
trometer (Thermo Fisher Scientific Inc., Waltham, 
MA, USA). Based on the air volume of the chamber, 
the required amount and the interval of phosphoric 
acid additions was calculated to release 400 ppm CO2 
from the sodium bicarbonate at a time. According to 
the calculations, the CO2 target concentration dur-
ing pulse labelling was between 400 and 800  ppm. 

Fig. 1   Experimental setup 
of the columns in the 
climate chamber (a) show-
ing the PVC columns (red) 
used for carbon, nitrogen 
and microbial analysis and 
the MRI root scans in this 
experiment and the acrylic 
columns (blue) which were 
used to determine root 
water uptake by Le Gall 
et al. (in press). Airtight 
chamber (b) used for 13CO2 
pulse labelling of the plants
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At the 6th week of plant growth, the root systems of 
the plants in the PVC columns were analysed non-
destructively using a 4.7 T magnetic resonance imag-
ing (MRI) magnet (Magnex, Oxford, UK) and a MR 
Solutions console (MR solutions, Guildford, UK). 
Roots with a diameter > ~ 350 μm were visible, which 
was sufficient to visualise the seminal and basal root 
structure of the plants. Root length was determined 
with a vertical resolution of 2.5 cm by processing the 
MRI images with the NMRooting software accord-
ing to Van Dusschoten et al. (2016). The MRI signal 
intensity, which is proportional to the water content 
of the roots, was used to estimate the root biomass. 
Usually, a calibration to the fresh weight of the roots 
can be made; however, since the soil and columns 
used in this study had not been previously analysed 
with this device, such a calibration was not available. 
Therefore, root biomass is expressed in arbitrary units 
(a.u.) reflecting proportionality to the fresh weight 
of the roots with an unknown proportionality con-
stant. Roots were segmented using a convolutional 
neural network developed with nnU-Net (Isensee 
et  al. 2021). In contrast to Le Gall et  al. (in press), 
the MRI root scan analysis in this study was limited 
to three replicates instead of six, as subsequent C, N, 
and microbial measurements were only conducted on 
these three replicates.

Forty-three days after sowing, when the plants had 
reached ear emergence from the boot (equivalent to 
Z51-59 on the Zadoc scale), the aboveground plant 
biomass was removed. After finalization of each run, 
the soil was extracted from the columns and sliced 
into 10  cm segments of which we sampled selected 
topsoil (0–10, 10–20 and 20–30  cm) and subsoil 
(50–60, and 60–70 cm) layers which were first used 
for none-destructive analysis (soil zymography) fol-
lowed by destructive soil analyses. The 70–80  cm 
segment was excluded from further analysis to avoid 
potential bias of results from root accumulation at the 
bottom of the columns. To create the planar surfaces 
required for soil zymography, the 10  cm thick soil 
cores were cut horizontally in half with a sharp knife 
(Lattacher et  al. 2025). Following non-destructive 
analysis, the roots were removed from the segments. 
Separation of soil from the roots was done by gently 
shaking the roots with the adhering soil for 1 min in 
a plastic container (Gobran and Clegg 1996). The 
soil collected during this step was combined with 
the soil from the respective soil segment, which was 

then sieved to 2 mm for further analysis. The remain-
ing soil was afterwards carefully washed off the roots 
using water to allow for subsequent root measure-
ments. Plants were further separated into roots, stems 
and leaves to determine the biomass and isotopic sig-
nal of the different plant organs. In comparison to the 
previous sampling to measure uptake of 15N in the 
youngest leaves of the plant, a pooled sample of all 
leaves from one plant was produced at the end of the 
incubation. All samples were frozen at −20 °C until 
analysis.

13C and 15N in plants and soil

To determine soil water content, dry plant biomass 
and the δ13C and δ15N in soil and different plant 
organs (roots, stem, and leaves) samples were dried 
at 60 °C for 72 h, weighed, and subsequently ground. 
Subsamples of 20 mg (± 2 mg) for the soil and 3 mg 
(± 0.5 mg) for the plant material were then weighed 
into tin capsules and analysed according to Preusser 
et al. (2021) using an elemental analyser (Euro 3000, 
Euro Vector, Italy) coupled with an isotope ratio 
mass spectrometer (Delta Plus XP, Thermo Finnigan, 
Germany).

Soil zymography and imaging procedure

Soil zymography was performed on the top of 
the plane surface of the freshly extracted top- and 
subsoil segments using the fluorogenic substrate 
4-methylumbelliferone-β-D-glucopyranoside 
(Sigma Aldrich, Germany) to evaluate the spatial 
distribution of β-glucosidase (BG) activity accord-
ing to Razavi et al. (2016). The substrate, dissolved 
in dimethyl sulfoxide (Sigma Aldrich, Germany), 
was diluted to 5 mM using deionized and autoclaved 
water. A 0.2 µm pore size polyamide membrane fil-
ter (Sartorius, India) was soaked with the substrate 
solution and placed directly on the soil surface, 
following slight moistening of the soil to enhance 
substrate diffusion (Guber et  al. 2021). After 1  h 
dark incubation at 20  °C, the filter was removed 
and exposed to UV light (365  nm) using the Bio-
DOC Analyzer (Biometra, Germany). Images were 
captured (RICOH TV-200  M 8–48  mm) with an 
exposure time of 75  ms and an enhancement of 5 
using BioDocAnalyze software. Membrane snippets 
(3 × 1 cm2) were soaked in solutions with different 
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concentrations of 4-methylumbelliferone (MUF) (0, 
0.05, 0.1, 0.15, 0.2 and 0.3 mM) for calibration. The 
calibration function was calculated by relating the 
measured fluorescence to the volume of MUF solu-
tion absorbed by the polyamide membrane and its 
size (Razavi et  al. 2016). ImageJ software (Abra-
moff et  al. 2004) with the Fiji package (version 
2.1.0) was used for image processing. Zymograms 
were converted to 8-bit greyscale images and back-
ground fluorescence of the filters soaked with MUF 
substrate solution was subtracted. The grey values 
were converted to MUF per membrane area (pM 
mm−2) using the calibration function (R2 = 0.99). A 
small piece of paper of known size was used to set 
the scale using the “Set Scale” function of ImageJ. 
Average enzyme activity was calculated using his-
togram data from the calibrated and background-
corrected zymograms. Based on other studies, enzy-
matic hotspots were defined as grey value > 150% 
of the mean grey value of all images (Heitkötter 
and Marschner 2018; Hao et  al. 2022; Lattacher 
et  al. 2025) which, in this study, was equivalent 
to an enzymatic activity equal to or higher than 
26 pM mm−2 h−1. The areas corresponding to these 
hotspots were quantified as a percentage of the 
overall soil surface area.

The gradient of BG activity from the root cen-
tre towards the surrounding soil was determined 
using the “Plot Profile” function of ImageJ, span-
ning a distance of 0 to 26  mm from the root cen-
tre. A line width of 5 pixels (equivalent to 620 µm) 
was used on 4–9 roots for each genotype, water 
regime, and depth. To determine the activity of BG 
from the root centre towards the surrounding soil, 
we selected the area on the roots with the highest 
enzymatic activity. The BG activity gradient was 
then plotted against the distance. The decrease in 
enzyme activity E(x) from the root centre towards 
the surrounding soil was described using an expo-
nential decay function (Lattacher et al. 2025):

where E0 is the initial enzyme activity (pM mm−2 h−1) 
close to the root centre, x is the distance to the root 
centre (mm), k is a first-order rate coefficient (1 mm−1) 
of enzyme activity decrease and Ebulk represents the 
mean enzyme activity (pM mm−2 h−1) in bulk soil.

(1)E(x) = E
0
⋅ ���(−kx) + Ebulk

Soil microbial carbon and plant‑derived 13C 
incorporation

Microbial carbon (Cmic) content was determined 
using the chloroform fumigation extraction method 
described by Vance et  al. (1987). Two subsam-
ples of 1  g soil each were weighed from all sam-
ples of all runs. One subsample was fumigated in 
a desiccator with ethanol-free chloroform for 24  h 
to release Cmic. Both the fumigated and non-fumi-
gated subsamples were then extracted with 10  ml 
of a 0.025  M K2SO4 solution, shaken at 200  rpm 
for 30  min and centrifuged at 4400  g for 30  min. 
After centrifugation, supernatant was transferred 
to a scintillation vial using a 5 ml pipette equipped 
with a 20  µm filter at the tip to prevent inclusion 
of organic particles. Supernatants were frozen 
at −20  °C until analysis. Organic carbon (Corg) in 
the supernatants was quantified using the TOC-
TNb Multi N/C 2100S analyser (Analytik Jena, 
Germany). C content of the microbial biomass (µg 
C g−1) was calculated by subtracting the C con-
tent of the non-fumigated extracts from that of the 
fumigated extracts, using the kEC factor of 0.45 
according to Joergensen (1996) to correct for the 
extractable fraction of total C bound in the micro-
bial biomass. In addition, the non-fumigated sam-
ples were used to determine extractable organic C 
(EOC).

To determine the δ13C in Cmic (δ13Cmic), 8 ml of 
both fumigated and unfumigated extracts were evap-
orated in a rotary evaporator (RVC 2–25, Christ, 
Germany). After evaporation, 20 mg (± 2 mg) of the 
residues were weighed into tin capsules and isotopic 
composition was measured using an elemental ana-
lyser (Euro EA 3000, Euro Vector, Italy), coupled to 
an isotope ratio mass spectrometer (Delta Plus XP, 
Thermo Finnigan MAT, Germany). The δ13Cmic was 
calculated according to Marhan et  al. (2010) using 
the following equation:

where Cf and Cnf represent the extractable organic C 
content of the fumigated and non-fumigated samples, 
and δf and δnf are the corresponding δ13C values.

(2)�13Cmic =
�f × Cf − �nf × Cnf

Cf − Cnf
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Phospholipid and neutral fatty acids and 
plant‑derived 13C incorporation

The major microbial groups in soil were quanti-
fied by extracting phospholipid and neutral fatty 
acids (PLFAs, NLFAs) from microbial cell mem-
branes. Extraction, fractionation, and quantifica-
tion of the lipids followed the methodologies out-
lined by Bardgett et al. (1996), which were adapted 
from the procedures established by Frostegård et al. 
(1991) and Bligh and Dyer (1959). In brief, 4  g 
soil was mixed with Bligh & Dyer solution (with 
a ratio of chloroform: methanol: citrate buffer of 
1:2:0.8) to extract the lipids. Next, a solid phase 
extraction was performed using extraction columns 
(Bond Elut, Agilent Technologies, USA) to sepa-
rate NLFAs from PLFAs. Subsequently, the PLFAs 
and NLFAs were transformed into fatty acid methyl 
esters (FAMEs) by alkaline methanolysis using the 
method described by Kramer and Gleixner (2008). 
An internal standard of FAME C24:1 (Sigma-
Aldrich, St. Louis, MO, USA) was added to the 
samples prior to methanolysis. In accordance with 
Kandeler (2015), the fatty acids i15:0, a15:0, i16:0 
and i17:0 were selected as representative of gram-
positive bacteria (PLFAGP) while cy17:0 and cy19:0 
were selected to represent the gram-negative bacte-
ria (PLFAGN). The fatty acid 18:2ω6,9 was used as 
an indicator for fungi (PLFAfun) (Federle 1986). In 
addition, the NLFA 16:1ω5 was used as a biomarker 
for arbuscular mycorrhizal fungi (NLFAAMF) (Ols-
son et  al. 1998). Extracted FAMEs were analysed 
using an Agilent 8860 gas chromatograph with a 
flame ionization detector (FID) and a 5977B mass 
selective detector (MSD) (Agilent, USA). The FID 
was used for quantification, the MSD for FAME 
identification. Calibration was performed using 
a bacterial methyl ester mixture (Sigma-Aldrich, 
USA) and individual standard FAMEs. The δ13C 
values of the PLFA and NLFA samples were meas-
ured using an HP 6890 gas chromatograph (Agilent 
Inc., USA) equipped with a combustion III interface 
(Thermo Finnigan, USA) connected to a Delta Plus 
XP mass spectrometer via a Conflo IV Interface 
(bboth Thermo Finnigan MAT Germany). The sam-
ples (analytes) were separated using an HP-5 GC 
column (Agilent Inc., USA) with a helium flow of 
1.5 ml  min−1. The δ13C values of all FAMEs were 

corrected to account for the addition of a methyl 
group.

Statistical analyses

Statistical analyses were performed in R (Version 
4.2.0; R Core Team 2020). The Shapiro–Wilk and 
Levene tests from the car package (Fox and Weisberg 
2019) were used to test for normality and homosce-
dasticity of variance, respectively. The significance 
of differences (α < 0.05) was assessed with a linear 
mixed-effects model using the lme function from the 
nlme package (Pinheiro and Bates 2000). Genotype, 
depth, and water regime were considered as fixed 
effects, while columns and runs were treated as ran-
dom effects (see Supplementary).

To model the enzyme gradient within the rhizos-
phere, a non-linear mixed-effects model was fitted to 
BG activity with increasing distance from the root 
centre. This nonlinear mixed-effects model was sim-
plified based on the significance of factors and inter-
actions to identify the most important components of 
the model and to avoid overfitting. The significance 
of the differences was then tested by performing an 
ANOVA with the simplified model.

Results

Aboveground plant biomass

The DRS showed a non-significant trend towards 
a higher aboveground biomass compared to the 
SRS across all treatments (Fig. 2). While the mono-
cultures of DRS and SRS were similar in biomass 
across the different water regimes, the mixtures 
showed contrasting responses of the two genotypes. 
A greater variability in aboveground plant biomass 
was observed within the mixture, especially for SRS 
and DRS under water-deficit conditions, as well as 
for SRS within the mixture under well-watered condi-
tions. The DRS in the mixture was 44% lower in bio-
mass under water-deficit conditions than under well-
watered conditions, while the SRS in the mixture 
had a 30% increase in biomass under water-deficit 
conditions.

While δ13C values in leaves and stems were not 
significantly different between genotypes and water 
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regimes (Fig. S1a), the δ15N signal was lower in the 
DRS, both in monoculture and mixture compared 
to the SRS in the pooled leaves (genotype, p < 0.05) 
and stem (genotype, p < 0.05; Fig.  S1b). Data for 
the pooled leaves and stems were taken after the 
13C-pulse labelling and, therefore, integrated both 
15N-labelling events.

The 15N data of the youngest leaves made it pos-
sible to separate N uptake from two different depths. 
In the youngest leaves no significant differences in 
the δ15N signal between genotypes and water regimes 
were found two days after labelling the subsoil 
(Fig.  3). However, a non-significant increased δ15N 
signal was detected under water-deficit conditions 
in the youngest leaves for the DRS in mixture, with 
a δ15N of 381‰ compared to the SRS in mixture 
(93‰) and the DRS and SRS in the monocultures 
(135‰ and 119‰). After topsoil labelling the δ15N 

signal in the youngest leaves of DRS in both mono-
culture and mixture tended to be lower compared to 
the respective SRS while no differences between 
water-deficit and well-watered conditions were 
detected for either genotype.

Belowground plant biomass

Depth profiles of dry root biomass and calculated 
fresh root biomass from the magnetic resonance 
imaging (MRI) data were generally similar across 
genotypes and water regimes (Figs. 4a and 5). How-
ever, the MRI data indicated a significantly higher 
root biomass under well-watered conditions for 
the SRS in the topsoil (from 3–15  cm; genotype, 
p < 0.05) and the DRS in the subsoil (70–80  cm; 
genotype, p < 0.05) compared to the MIX in both 
soil depths and the respective monocultures (DRS 

Fig. 2   Mean dry above-
ground plant biomass in g 
per plant for the genotype 
with the shallow root 
system (SRS) in monocul-
ture (yellow) and mixture 
(light blue) and for the 
genotype with the deep root 
system (DRS) in monocul-
ture (green) and mixture 
(dark blue). Data represent 
means ± standard devia-
tion of three replicates, 
conducted across three 
runs. Circles represent the 
mean above ground dry 
plant biomass per plant 
under well-watered condi-
tions (WW) while triangles 
represent the mean plant 
biomass under water-deficit 
conditions (WD)
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and SRS). The δ13C signal measured in the root bio-
mass was significantly higher under well-watered 
than water-deficit conditions (water, p < 0.05; 
Fig.  4b) and in the subsoil (60–70  cm) compared 
to the upper soil layers, independent of the water 
regime and genotype (depth, p < 0.01). At 60–70 cm 
soil depth, the MIX and DRS tended towards a 
higher δ13C signal in the roots compared to the SRS 
for both wate r regimes.

Soil water and δ13C

The gravimetric water content in soil was signifi-
cantly higher under well-watered than water-deficit 
conditions (water, p < 0.01; Fig.  S2). Although the 
δ13C values in soil did not differ significantly, the 
WD-MIX tended towards a low δ13C signal compared 
to all other treatments. The δ13C of WD-MIX was 
close to the ambient signal in unlabelled soil (−27‰) 

except at a soil depth of 60–70 cm where an increased 
δ13C signal was found (Fig. 6).

Microbial biomass and community structure

While Cmic was not significantly different between 
genotypes and water regimes (Fig. S3a), the δ13C sig-
nal in Cmic tended towards a higher incorporation of 
plant-derived 13C into microbial biomass in the WW-
MIX (mean δ13Cmic = + 8.90‰) compared to the 
WD-MIX (mean δ13Cmic = −20.9‰) (Fig. S3b).

The abundances of PLFAGP, PLFAGN and PLFAfun 
showed similar patterns (Fig. 7a, 7b, 7c): under water-
deficit conditions, lower abundance of these micro-
bial PLFAs in MIX compared to the monocultures 
was observed. In contrast, the opposite effect was 
observed under well-watered conditions for PLFAGN 
and PLFAGP. The abundance of PLFAGN tended 
to be lower in the MIX under water-deficit com-
pared to well-watered conditions (genotype × water, 

Fig. 3   δ15N signal in 
youngest fully developed 
leaf for the genotype with 
the shallow root system 
(SRS) in monoculture 
(yellow) and mixture (light 
blue) and for the genotype 
with the deep root system 
(DRS) in monoculture 
(green) and mixture (dark 
blue) after subsoil labelling 
with 5 atom% 15N-NH4NO3 
and topsoil labelling 
with 20 atom%.15N-
NH4NO3. Data represent 
means ± standard deviation 
of three replicates, con-
ducted across three runs. 
Circles represent the mean 
values under well-watered 
conditions (WW) while 
triangles represent the mean 
values under water-deficit 
conditions (WD)
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p = 0.07). This effect was not observed for PLFAGP 
and PLFAfun, but these groups displayed a similar, 
albeit non-significant, pattern. The PLFAGP exhibited 
a weak response to the water regime (depth × water, 
p = 0.08), with lower abundance under water-deficit 
than well-watered conditions in the upper soil layers, 
which was particularly pronounced for MIX.

The δ13C signal in the PLFAs was strongly 
affected by the water regime in soil. The δ13C signal 
in PLFAGP (Fig. 8a), PLFAGN (Fig. 8b) and PLFAfun 
(Fig.  8c) in the DRS was higher under water-deficit 
than well-watered conditions, which was especially 
pronounced at 60–70 cm (genotype × water: PLFAGP: 
p < 0.05; PLFAGN: p = 0.06; genotype × water × depth: 
PLFAfun: p < 0.05). The opposite was true in SRS, 
particularly for PLFAGN. It was also observed that the 
fungal PLFAs had, especially in the subsoil, a much 
higher δ13C signal compared to the bacterial PLFAs.

The abundance of NLFAAMF were not significantly 
different between the genotypes and water regimes 
but tended towards lower abundance in the mixture 
compared to the monocultures under water-deficit 

conditions (Fig.  7d) especially in topsoil. Addition-
ally, in the monocultures, a tendency towards higher 
abundance of NLFAAMF in the SRS in the topsoil and 
the DRS in the deeper layers was observed (geno-
type × depth, p = 0.07). While under well-watered 
conditions the highest abundance of NLFAAMF was 
found in 0–10  cm soil depth for all cultures, under 
water-deficit conditions a different pattern was 
observed. Here the DRS and MIX showed the highest 
NLFAAMF abundance at 10–20 cm soil depth, while 
the SRS showed the highest abundance at 0–10  cm 
soil depth.

The δ13C value in the NLFAAMF did not differ 
significantly between genotypes and water regimes 
(Fig.  8d). WD-DRS, compared to the other treat-
ments, did not have the highest δ13C signal at 
0–10 cm, but at 20–30 cm soil depth. In comparison 
to the bacterial PLFAs, the δ13C signal in NLFAAMF 
notably increased, particularly at the 0–10  cm and 
20–30  cm soil depths. However, at 60–70  cm soil 
depth, the saprotrophic PLFAfun had a higher δ13C 
signal compared to NLFAAMF.

Fig. 4   Dry root biomass (a) and δ13C signal in roots (b) in 
various soil depths for the deep root system (DRS) (green), 
shallow root system (SRS) (yellow) and the mixture (MIX) 

(blue) under well-watered (WW) and water-deficit (WD) con-
ditions. Data represent means ± standard deviation of three rep-
licates, conducted across three runs
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Fig. 5   Profile of the MRI-determined digital root fresh weight 
for the deep root system (DRS) (green), shallow root system 
(SRS) (yellow) and mixture (MIX) (blue) from 3 to 80  cm 

under well-watered (WW) and water-deficit (WD) conditions. 
Data represent means of 3 replicates conducted across three 
runs

Fig. 6   δ13C signal in 
soil at various soil depths 
for the deep root system 
(DRS) (green), shallow root 
system (SRS) (yellow) and 
the mixture (MIX) (blue) 
under well-watered (WW) 
and water-deficit (WD) 
conditions. Data represent 
means ± standard deviation 
of three replicates, con-
ducted across three runs
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β‑glucosidase activity

Under water-deficit conditions, the mixture consist-
ently exhibited the lowest BG activity and hotspot 

areas compared to both the monocultures and the 
mixture under well-watered conditions. However, 
these differences were not statistically significant 
(Fig.  9). While the monocultures (SRS and DRS) 

Fig. 7   Abundance of gram-positive bacterial PLFAs (a), 
gram-negative bacterial PLFAs (b), fungal PLFAs (c) and 
arbuscular mycorrhizal fungal NLFAs (d) at various soil 
depths for the deep root system (DRS) (green), shallow root 
system (SRS) (yellow) and the mixture (MIX) (blue) under 

well-watered (WW) and water-deficit (WD) conditions. Data 
represent means ± standard deviation of three replicates, con-
ducted across three runs. Interaction effects of genotype (g), 
depth (d), and water regime (w) are indicated in the panels
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showed very similar gradients in BG activity around 
the roots within the same soil depth irrespective of 
the water regime, root BG gradients in MIX treat-
ments were significantly affected by the water regime 
(Fig.  10). WD-MIX was significantly lower in BG 
activity near the root centre (E0) in 0–60  cm soil 
depth (genotype × depth × water, p < 0.05) and tended 
towards lower BG activity in the bulk soil averaged 
across the entire soil profile (Ebulk) (genotype × water, 
p = 0.07) than WW-MIX, as shown by the lower BG 
activity as distance from the root centre increased.

Discussion

Our study investigated the effect of combining gen-
otypes with contrasting root phenotypes of wheat 
under well-watered and water-deficit conditions on 
microbial community and activity at various soil 
depths. We additionally used stable isotopes to follow 

C and N fluxes in the plant-soil system. We primar-
ily found that, in contrast to our hypothesis, a com-
bination of genotypes with contrasting root pheno-
types tended towards lower root exudation, microbial 
abundance, and enzymatic activity under water-deficit 
conditions compared to the monocultures at most soil 
depths. This trend was not visible when the combi-
nation of genotypes with contrasting root phenotypes 
was grown under well-watered conditions, indicating 
a strong impact of the water regime on the plant-root 
interactions of such combined plant systems. The 
genotypes differed in their major N uptake zones with 
the DRS in the mixture targeting deeper soil layers 
under water-deficit conditions and the SRS relying 
more on topsoil N.

Above‑ and below‑ground plant biomass

One of the ideas behind combining genotypes with 
contrasting root phenotypes in one field is to improve 

Fig. 8   δ13C signal in gram-positive bacterial PLFAs (a), 
gram-negative bacterial PLFAs (b), fungal PLFAs and arbus-
cular mycorrhizal fungal NLFAs at various soil depths for the 
deep root system (DRS) (green), shallow root system (SRS) 
(yellow) and the mixture (MIX) (blue) under well-watered 

(WW) and water-deficit (WD) conditions. Data represent 
means ± standard deviation of three replicates, conducted 
across three runs. Interaction effects of genotype (g), depth (d), 
and water regime (w) are indicated in the panels
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the stability of plant production under water limita-
tion conditions while having no negative effects under 
optimal plant growth conditions. In our experiment 
total aboveground biomass per column did not dif-
fer between mixtures and monocultures under either 
well-watered or water-deficit conditions. However, 
individual plant biomass within mixtures was highly 
dependent on the prevailing water regime. A likely 
explanation for this genotype-specific response lies 
in nitrogen fertilization during the three-leaf stage. 
Under water deficiency, nitrate mobility may have 
been severely limited (Joseph et  al. 2021), causing 
most of the nitrate to remain in the topsoil, where it 
was more accessible to the SRS in the mixture, pro-
moting its growth. Under well-watered conditions, 
nitrate likely leached to the subsoil (Jamali et  al. 
2015), favouring uptake by the DRS and enhancing its 
growth. In mixtures, reduced competition for nutrients 
might have allowed individual plants to grow more 
than in monocultures, where both plants accessed 
similar soil layers. In monocultures, where both plants 
shared similar rooting strategies and occupied the 
same soil layers, nitrogen availability was likely more 

evenly distributed among individuals, which could 
explain the more uniform biomass outcomes. Absence 
of differences in aboveground biomass between geno-
types in monoculture under different water regimes 
further suggests that the applied water-deficit treat-
ment did not induce water stress in a way which 
negatively impacted overall biomass production. The 
observed larger variability in aboveground biomass in 
the mixtures, especially for SRS under water-deficit 
conditions and for DRS under both water regimes, can 
be explained by individual differences in response to 
localized environmental conditions. Lichstein et  al. 
(2007) showed that intraspecific variation can arise 
from both properties of individuals and environmen-
tally induced factors that act independently among 
individuals. In our system, the combination of geno-
types with contrasting root phenotypes leads to dif-
ferent access to nutrients and water among individual 
plants, which could explain the observed variability. 
Thus, the mixture’s flexibility in resource acquisition 
may come at the cost of greater variability at the indi-
vidual plant level which might become beneficial in 
the face of increasing extreme weather events.

Fig. 9   β-glucosidase activity (a) and hotspot areas (b) at vari-
ous soil depths for the deep root system (DRS) (green), shal-
low root system (SRS) (yellow) and the mixture (MIX) (blue) 

under well-watered (WW) and water-deficit (WD) conditions. 
Data represent means ± standard deviation of three replicates, 
conducted across three runs
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Heuermann et  al. (2019) showed in their experi-
ment on interspecific competition among catch crops 
that root biomass is an important factor in N uptake 
from soil. In our experiment, the extracted root bio-
mass was not significantly different between geno-
types or water regimes. MRI data, however, revealed 
distinct root distribution patterns under well-watered 
conditions: SRS had significantly more root biomass 
in the topsoil (3–15 cm), while DRS displayed signif-
icantly higher root biomass in the subsoil (70–80 cm). 
Since MRI detects roots > 350  µm, the data particu-
larly highlights changes in the larger root fractions, 
which play a crucial role in soil exploration, anchor-
ing of the plant and in accessing deeper soil layers. 
Although fine roots, which are critical for nutrient 
and water uptake (Jackson et al. 1997) and make up 
a large proportion of the total root length of wheat 
(Moran et  al. 2000), were not detected by MRI, our 

results underscore differences in how the two geno-
types explored the soil columns with their root sys-
tems. Under water-deficit conditions, roots shrink in 
the upper layers as they lose water due to exchange 
with dry soil, reducing root water mass and, conse-
quently, the MRI signal. This likely explains the 
lower signal in water-deficit versus well-watered 
treatments. Unlike aboveground biomass, root bio-
mass of individual genotypes in mixtures could not be 
separated, preventing direct comparison of their root 
distribution in mixture versus monoculture. Nonethe-
less, results by Le Gall et  al. (in press) showed that 
the SRS exhibited a higher root length density (RLD) 
in the topsoil (0–15 cm), whereas the DRS developed 
greater RLD in deeper soil layers (50–73 cm), reflect-
ing their distinct rooting strategies. However, root 
growth is known to be influenced by the presence of 
roots from neighbouring plants (Morris et al. 2017), 

Fig. 10   Profile of the 
β-glucosidase gradient 
within the rhizosphere 
towards the surrounding 
soil for the shallow root 
system (SRS) (yellow), the 
mixture (MIX) (blue) and 
the deep root system (DRS) 
(green) at various soil 
depths under well-watered 
(WW) and water-deficit 
(WD) conditions. Dots 
represent mean BG activ-
ity. Lines represent the fit 
of an exponential decay 
function to mean enzyme 
activity profiles estimated 
from image analysis of 
zymograms. Data represent 
means ± standard devia-
tion of three replicates, 
conducted across three 
runs. For each replicate the 
average BG activity was 
measured on 3 roots
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which might explain why the distribution of roots in 
the soil within the mixture differed from what might 
be expected based on the monocultures. Contrary to 
our expectations, root biomass in the mixture was not 
at an intermediate level between the DRS and SRS in 
monoculture, as suggested by both the MRI data and 
the manually extracted root measurements. Li et  al. 
(2006) also showed that when wheat and maize were 
grown together, wheat increased its root length den-
sity and rooted deeper soil layers more intensely than 
when grown in monoculture. Other studies found that 
this root response mainly results from a depletion of 
resources rather than the presence of neighbouring 
plants (Nord et al. 2011).

Release of assimilated carbon

Plant-plant interactions could also explain the 
observed C allocation into the soil. The reduced 
release of plant-derived carbon into the soil by the 
mixture under water-deficit conditions, compared to 
both well-watered conditions and monocultures under 
drought, may have been driven by a combination of 
above- and belowground interactions. Increased light 
competition, such as shading of one genotype by the 
other, could have affected photosynthetic activity and 
thus altered carbon allocation to the soil. At the same 
time, the spatial separation of the main root zones 
between genotypes may have decreased the need for 
root exudation to access nutrients (Dakora and Phil-
lips 2002; Guillermo and Dudley 2007). Under well-
watered conditions, greater water availability may 
have led to a higher demand for nutrients compared 
to water-deficit conditions, due to enhanced nutri-
ent uptake efficiency and greater microbial abun-
dance in the soil. This increased microbial abundance 
could lead to both competition for nutrients between 
plants and soil microorganisms, and stimulation of 
microorganisms by plants to enhance microbial nutri-
ent release (Kuzyakov and Xu 2013). Consequently, 
plants may need to release more root exudates to 
ensure sufficient nutrient acquisition.

One exception was the subsoil, where the mix-
ture showed an increased δ13C signal in both roots 
and soil, even under water-deficit conditions. Within 
the root system, photoassimilates are mainly trans-
ported to the fast-growing and metabolically active 
root tips (Pausch and Kuzyakov 2011), where they 
may be released as mucilage, root border cells, or 

root exudates (Driouich et  al. 2013; Ropitaux et  al. 
2019; Sasse et  al. 2018). This indicates that active 
root growth was mainly concentrated in the subsoil 
of MIX and DRS compared to SRS. These results 
demonstrated that transport and release of photoas-
similates and thus the active area of root growth 
and potential nutrient acquisition strategies varied 
between the genotypes and water regimes, poten-
tially affecting nutrient uptake as reflected by the 15N 
results.

Nitrogen uptake by plants

The observed differences in δ15N signals align well 
with earlier findings regarding the primary root zones 
of the two genotypes. The DRS in the mixture dem-
onstrated a higher N uptake efficiency from deeper 
soil layers under water-deficit conditions, as indicated 
by the high δ15N signals in the youngest leaves after 
subsoil labelling. This reflects the ability of the DRS 
to explore subsoil resources more efficiently and was 
likely supported by its enhanced root exudation activ-
ity in these layers, aligning with the"steep, cheap, and 
deep"ideotype (Van der Bom et  al. 2020). Le Gall 
et  al. (in press) additionally observed increased root 
water uptake (RWU) from the subsoil by the DRS in 
monoculture and mixture under water-deficit condi-
tions, also aligning well with our findings, suggesting 
that greater uptake of soil resources (N and water) is 
likely driven by more active roots at this specific soil 
depth. In contrast, the SRS in the mixture appeared 
less efficient in nutrient acquisition from deeper soil 
layers, possibly due to stronger competition with the 
DRS. However, following topsoil labelling, the δ15N 
signals in the youngest leaves of the SRS increased, 
suggesting that under water-deficit conditions, the 
SRS focuses predominantly on nutrient (and water) 
uptake from the topsoil (Le Gall et al. in press), con-
sistent with the"topsoil foraging"ideotype (Van der 
Bom et al. 2020). These findings underscore the com-
plementary nutrient acquisition strategies of the two 
genotypes in mixture, with each adapting its resource-
use pattern based on its root traits and ecological 
niche. This spatial niche differentiation implies that 
the combination of root-contrasting genotypes in mix-
ture may also help reduce nutrient leaching, particu-
larly nitrate, by enhancing nutrient capture across soil 
depths. We also found that there were no major differ-
ences in N uptake between the monocultures of DRS 
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and SRS after subsoil labelling, while greater differ-
ences were observed after topsoil labelling, indicating 
that the advantage of the DRS in nutrient uptake from 
deeper soil layers is smaller than that of the SRS from 
topsoil. Overall, the SRS in mono- and especially in 
mixed cultures appeared more efficient at N uptake 
compared to the DRS as indicated by its higher 15N 
signal in the pooled leaf and stem and youngest fully 
developed leaf samples.

Microbial community and 13C incorporation

The effect of high C allocation into the very subsoil 
by the mixture under water-deficit conditions corre-
lated well with the abundances of fungi and gram-
negative bacteria, which dominate the rhizosphere 
and rely on fresh C input from root exudates (Fierer 
et al. 2003; Kennedy and de Luna 2005). In the upper 
soil layers, on the other hand, the reduced allocation 
of photoassimilated C resulted in a smaller micro-
bial community, as reflected by the lower abundance 
of bacterial and fungal PLFAs. This effect was espe-
cially pronounced for gram-negative bacteria, which 
rely more strongly than gram-positive bacteria on 
the availability of labile C (Fanin et al. 2019); hence, 
lower C input into the upper soil layers might have 
limited their abundance. These findings suggest that, 
due to the limited release of plant-derived carbon 
under water-deficit conditions, the expected synergis-
tic effects of combining genotypes with contrasting 
root phenotypes in the mixture may not have resulted 
in improved plant–microbe interactions.

Conversely, under well-watered conditions, the 
incorporation of plant-derived C into the PLFAs of 
gram-positive and gram-negative bacteria and fungi 
was higher for the SRS in top- and subsoil compared 
to the DRS and MIX. The increased incorporation 
of plant-derived C into microbial PLFAs and NLFAs 
of the SRS suggests stronger nutrient competition 
between plants, which could enhance root exudation 
and thereby promote 13C uptake by specific micro-
bial groups. Regardless of the water content, fungi 
incorporated a high level of plant-derived C. The 
high δ13C signal in the saprotrophic fungal PLFA 
(18:2ω6,9) compared to bacterial PLFAs is consist-
ent with the results of Williams et  al. (2006) and 
Müller et  al. (2016) who found high incorporation 
of plant-derived C into the fungal PLFA 18:2ω6,9, 
indicating that fungi are a key group involved in the 

uptake of plant-derived C sources in soil. As fungi 
can actively grow towards soil resources due to their 
hyphal system (De Boer et al. 2005) and break down 
labile and complex organic substances (Ballhausen 
and de Boer 2016; Boberg et al. 2011; De Vries and 
Caruso 2016), they are more competitive in taking 
up resources from the rhizosphere of freshly formed, 
highly exudating root zones as compared to bacte-
ria. Hannula et al. (2012) also showed that recently 
deposited plant C was utilised by saprotrophic fungi 
rather than arbuscular mycorrhizal fungi (AMF), 
which is consistent with our observation of a higher 
δ13C signal in the saprotrophic fungal PLFAs than in 
the NLFAAMF.

The trend towards lower abundance of NLFAAMF 
in the mixture compared to the monocultures under 
water-deficit conditions could also be related to less 
transport of photoassimilates into the roots and soil 
as indicated by the lower δ13C signal in soil in the 
mixture. Arbuscular mycorrhizal fungi are particu-
larly dependent on photosynthetically produced C 
compounds provided by the host plants, for which 
the host plant in turn receives nutrients such as N 
and phosphorus (Beslemes et  al. 2023). Conse-
quently, a reduction in the allocation of these com-
pounds can result in lower abundance of AMFs. 
AMF further increase their host plants’ drought 
tolerance due to their extraradical hyphae which 
aid in acquiring water from small soil pores inac-
cessible to plant roots (Chai and Schachtman 2022). 
Their abundance is therefore important in mitigat-
ing the effects of water stress on the plants (Begum 
et al. 2021; Das et al. 2021; Liu et al. 2020). Duan 
et  al. (2024) observed that inoculation of wheat 
with AMF under water-deficit conditions leads to a 
higher plant productivity due to improved nutrient 
and water uptake, resulting in an up to 28.5% higher 
grain yield. The trend towards higher abundance of 
AMF in the upper soil layers of the WD-DRS and 
in the very topsoil of WD-SRS, could therefore 
improve not only nutrient but also water uptake. 
The higher abundance of the NLFAAMF combined 
with its increased δ13C signal in the very topsoil of 
SRS under both water regimes, suggests that this 
root system primarily focuses on water and nutrient 
uptake from the topsoil. In contrast, under water-
deficit conditions, the DRS appears to rely on sym-
biosis with AMF even in deeper soil layers in order 
to increase its water and nutrient uptake.
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Microbial activity in the rhizosphere

The lower exudation/rhizodeposition of the mixture 
under water-deficit conditions was also reflected in 
reduced bulk BG activity and fewer areas with very 
high enzymatic activity. This was most likely due to 
reduced substrate availability (Hosseini et  al. 2024), 
which in turn led to the observed formation of a 
smaller microbial community and thereby to lower 
BG production and hence activity (Taylor et al. 2002). 
Hosseini et  al. (2024) concluded that the formation 
of microbial hotspots are fundamental traits for the 
development of future drought-resistant wheat geno-
types. Since enzymatic hotspots, which are mainly 
located directly on or in close proximity to the roots 
(Hao et  al. 2022; Sanaullah et  al. 2016), play a key 
role in plant–microbe interactions, they are crucial to 
nutrient acquisition by both plants and microorgan-
isms (Kuzyakov and Blagodatskaya 2015). Especially 
BG, which is considered the rate limiting enzyme in 
cellulose degradation, has an important function in 
providing glucose, used as an energy source by plants 
and microorganisms under drought stress (Hosseini 
et al. 2024). Exogenous application of small amounts 
of sugars have been found to facilitate the photosyn-
thesis, seed germination, flowering, and senescence 
of plants under drought stress (Sami et  al. 2016). 
Therefore, the lower BG activity observed for the 
mixture of the two genotypes used might negatively 
impact their yield quality and quantity (Lupwayi et al. 
2015; Sainju et al. 2022).

A closer look at the BG gradient around the roots 
demonstrated that lower allocation of plant-derived 
C led to significantly lower BG activity near the root 
centre (E0) and in bulk soil (Ebulk) of the WD-MIX 
compared to WW-MIX and the monocultures under 
both water regimes. The observed lower BG activ-
ity could indicate less colonization of active micro-
organisms near the root surface and within the sur-
rounding soil under water-deficit conditions (Taylor 
et al. 2002). At 60–70 cm soil depth, the WD-MIX, 
however, had a BG gradient similar to the WW-MIX 
due to greater C allocation into this specific soil layer. 
Root exudation as an important driver of enzymatic 
activity in the rhizosphere is controlled not only by 
the plant species and developmental stage, but also 
by root morphology (Bilyera et  al. 2021; Kuzyakov 
and Razavi et al. 2019; Zhang et al. 2019). Root tips 
and lateral root emergence sites have especially high 

levels of root exudation (Van Egeraat 1975). This 
occurs because the growth of lateral roots damages 
the primary root cell cortex (Neumann and Röm-
held 2002). Additionally, young root tips have not yet 
formed cell walls, leading to leakage of labile organic 
C sources from the roots (McCully and Canny 1985). 
The differences in root exudation of the mixture 
between both water regimes might therefore also be 
caused by differences in root morphology indicating 
the formation of smaller amounts of lateral roots and 
root tips in the mixture under water-deficit conditions. 
The reduced formation of lateral roots, which typi-
cally show an improved growth when nutrients are 
scarce (Morgan and Connolly et al. 2013), may indi-
cate that nutrient supply to the plant was sufficient 
even under water-deficit conditions. This could be 
caused by a lower competition for nutrients between 
genotypes with contrasting main rooting zones. 
Increased exudation of photoassimilated C into the 
soil of the monocultures and the WW-MIX might 
therefore have resulted from stronger competition for 
nutrients. In monocultures, this competition could 
result from similar main rooting zones. In mixtures 
under well-watered conditions, increased plant per-
formance due to better water supply raises the plants 
nutrient requirements therefore possibly increasing 
lateral root formation. Observed BG gradients around 
the roots suggest that enzymatic activity in the soil 
was not solely dependent on root biomass, but also on 
root morphological characteristics.

Conclusion

This study provides insights into how combin-
ing wheat genotypes with contrasting root pheno-
types influences microbial dynamics and nutrient 
uptake under different water regimes. Combining 
root contrasting wheat genotypes reduced micro-
bial activity, exudation and enzyme function under 
water deficit conditions while complementarity in 
nutrient acquisition strategies. While these findings 
highlight the potential for combining genotypes 
with contrasting root phenotypes to optimize nutri-
ent use, it is important to note that yield, a critical 
factor for agricultural application, was not assessed 
due to the restricted incubation time, to avoid artifi-
cial effects caused by the limited soil volume in the 
columns. Furthermore, since only one genotype per 
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root type was used, genotype-specific effects can-
not be excluded, and the results are not necessarily 
attributable solely to differences in root architec-
ture. Future field experiments covering the entire 
growth period and involving different genotypes 
that develop either a deep or a shallow root system 
are therefore needed to evaluate whether these inter-
actions translate into higher or more stable yields 
in water-limited systems. Such research could offer 
practical strategies for designing crop systems to 
improve resource use efficiency and promote resil-
ience of agro-ecosystems.
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