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ABSTRACT

Performing quasielastic neutron scatteringmeasurements and analyzing both elastic and quasielasic contributions, we study protein and water
dynamics of hydrated elastin. At low temperatures, hydration-independent methyl group rotation dominates the findings. It is characterized
by a Gaussian distribution of activation energies centered at about Em = 0.17 eV. At ∼195 K, coupled protein–water motion sets in. The
hydration water shows diffusivemotion, which is described by aGaussian distribution of activation energies with Em = 0.57 eV. This Arrhenius
behavior of water diffusion is consistent with previous results for water reorientation, but at variance with a fragile-to-strong crossover at
∼225 K. The hydration-related elastin backbone motion is localized and can be attributed to the cage rattling motion. We speculate that its
onset at ∼195 K is related to a secondary glass transition, which occurs when a β relaxation of the protein has a correlation time of τβ ∼ 100 s.
Moreover, we show that its temperature-dependent amplitude has a crossover at the regular glass transition Tg = 320 K of hydrated elastin,
where the α relaxation of the protein obeys τα ∼ 100 s. By contrast, we do not observe a protein dynamical transition when water dynamics
enters the experimental time window at ∼240 K.
Published under license by AIP Publishing. https://doi.org/10.1063/5.0011107., s

I. INTRODUCTION

Protein functions crucially depend on manifold transitions
between differentmolecular conformations, which, in turn, are intri-
cately related to fluctuations of hydration water.1–5 The microscopic
mechanisms enabling protein flexibility are, however, still under
vigorous debate. It was proposed that water either slaves6 or plasti-
cizes7 proteins. In addition, a mutual influence of protein and water
dynamics was conjectured.8 Large parts of this controversy result
from the fact that proteins exhibit various types of conformational
motions on diverse time and length scales, which couple differently
to water dynamics.3,4

Proteins show cage rattling motions inside local energy min-
ima at short times and small lengths. Localized relaxations, e.g.,
side-group motions, entail somewhat larger scales, typically sev-
eral picoseconds and a few angstroms at ambient temperatures.
Domain motions and segmental relaxation take place at long times

and involve several energy minima and, thus, large displacements.
Likewise, different water species can be distinguished. Aside from
free water, which resides at larger distances to protein molecules
and shows bulk-like dynamics, hydration water is located at the
protein surfaces and has slower dynamics. In addition, each water
species exhibits several dynamical modes, in particular, structural
(α) and secondary (β) relaxations resembling those of glass-forming
liquids.9–12 Manifold relations between protein and water motions
were proposed. For example, it was conjectured that local pro-
tein dynamics are slaved by fluctuations of hydration water, while
large-amplitude protein dynamics are slaved by fluctuations of free
water.6

Valuable information about couplings between relaxation pro-
cesses is available when the temperature dependence of the respec-
tive relaxation times is compared. Broadband dielectric spectroscopy
(BDS) and nuclear magnetic resonance (NMR) proved to be
suitable methods for this purpose.11–29 Very complex relaxation
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scenarios comprising various modes of protein and water reorien-
tations were generally observed. Although the microscopic origins
of several modes remain controversial, most workers agreed that
water reorientation is very similar in the hydration shells of vari-
ous proteins.9–12 Moreover, differential scanning calorimetry (DSC)
studies revealed a glass transition-like phenomenon,3,4 which was
denoted as a protein glass transition. The glass transition tempera-
tures Tg strongly differ between globular and fibrous specimen, and
they significantly decrease when the hydration level h is increased.
Here, the value of h is given as the ratio of the water and protein
masses (g/g).

Neutron scattering approaches utilized the H/D cross section
contrast and the sensitivity to the motional mechanism to study
protein and water dynamics.30–57 A coupled protein–water relax-
ation was reported, which involves restricted protein dynamics
inside local energy minima linked to the hydration water transla-
tion.7,38,42,43,58 Particular interest generated the protein dynamical
transition (PDT),30 which was also observed in Mössbauer spec-
troscopy.59 The PDT is identified with a crossover in temperature-
dependent mean square displacements at a transition temperature
Td, which occurs for hydrated proteins, but not for dry ones, and
is associated with an onset of protein flexibility and, mostly, func-
tion.6,29,31,60 However, the microscopic nature of this transition and
its relation to water dynamics are still controversially discussed,
although an important role of water translation appears to be gener-
ally accepted.50,61

The significant confusion relating to the PDT is partly due
to the fact that temperature-dependent atomic mean square dis-
placements u2(T) do not show a single, but several crossovers, each
marking a sudden increase in the slope. At low temperatures, u2(T)
increases linearly, as expected for harmonicmotion. A first crossover
can occur aroundTA ∼ 125 K. It is independent of the hydration level
h, but dependent on the time scale of the specific experiment, τexp,
and commonly attributed to methyl group rotation.33,39,62 Although
a further transition was also observed for dry proteins,51,63 it is usu-
ally argued that two transitions at higher temperatures require the
existence of a hydration shell. A crossover, which is weak, often
masked by the methyl group contribution, and independent of the
experimental time scale, often occurs at TB ∼ 200 K.33,38,48,64 Amore
pronounced crossover, which shows a systematic τexp dependence,
is often found at TC ∼ 240 K.33,47,49 The temperatures of these tran-
sitions usually vary only mildly among different proteins, although
there are also exceptions.65

Various scenarios were proposed to explain the water-related
crossovers in protein mean square displacements. Doster33 conjec-
tured a two-step scenario in response to the slowdown of the α
relaxation of hydration water toward a glass transition. He identi-
fied TB with the glass transition temperature of hydration water so
that the amplitude of protein cage rattling motions increases when
the hydration shell softens at Tg, resembling the situation for other
glass formers.66 Moreover, he linked TC to the PDT at Td and pro-
posed that the crossover occurs when the α relaxation of hydra-
tion water enters the experimental time window, consistent with
the observed τexp dependence of the phenomenon. Ngai et al.11,64

related TB to the glass transition temperature Tg of the respective
protein–water system, where caged molecular dynamics associated
with the nearly constant loss change. Moreover, they also linked

TC to the PDT at Td, but put forward that the Johari–Goldstein
(JG) β relaxation of hydration water12 rather than its α relaxation
enters the experimental time window. Hence, the observation that
the crossover temperatures TB ∼ 200 K and TC ∼ 240 K differ little is
traced back to the comparable Tg values of the studied proteins and
the similar JG β relaxation times τβ in the hydration shells of var-
ious proteins. Nevertheless, we emphasize that, irrespective of the
detailed origin of both crossovers, the temperatures TB ∼ 200 K and
TC ∼ 240 K should be taken as rough guides for their location rather
than defining criteria, in particular, because a systematic dependence
on the experimental time scale is a hallmark of the PDT, i.e., it
occurs at lower temperatures for smaller τexp values. Other work-
ers did not consider a two-step scenario and argued that the PDT
occurs in response to a proposed liquid–liquid phase transition of
water near 225 K.17,45,67 In support of the slaving model, Frauen-
felder et al.3,6 took a somewhat different approach and showed that
the decrease in protein elastic scattering intensities with increas-
ing temperature can be rationalized based on the speedup of water
dynamics in the hydration shell, which they denoted as βh fluctu-
ations. Interestingly, a PDT was also observed for hydrated amino
acids, which was taken as evidence that the phenomenon is water
driven.52

Here, we exploit that small globular proteins and large fibrous
proteins have different glass transition temperatures Tg. While neu-
tron scattering works increasingly focused on complex proteins or
even living cells in the last decade,53–57 many basic approaches
employed small model proteins, which show Tg ∼ 200 K in their
hydrated states. Examples are myoglobin,13,17 lysozyme,16,68 and
bovine serum albumin.15 By contrast, we investigate the fibrous pro-
tein elastin, which has a glass transition temperature of Tg ∼ 320 K
at h ≥ 0.2 g/g.20,24 While Tg is much higher for elastin than for the
above globular proteins, the correlation times of water dynamics are
very similar in the hydration shells of all these proteins,26 allowing
us to test the above discussed models of protein–water couplings.

Elastin is a main component of connective tissue, which is
formed out of tropoelastin by post-translational modification. It
features hydrophobic domains between hydrophilic crosslinks and
differs from common model proteins due to its higher molecular
weight, its higher fraction of hydrophobic amino acids, and the fact
that large parts of elastin lack defined secondary structure motifs
and have random-coil conformation.21 Several studies showed that
elastin and water dynamics are enhanced upon hydration.19–27 In
particular, glass transition temperatures and rotational correlation
times decrease up to h ≈ 0.2 g/g, while they are unchanged at
higher hydration levels, where unfrozen hydration water coexists
with frozen free water at cryogenic temperatures.20,24 Thus, a hydra-
tion level of h = 0.2 g/g is particularly suited for studies on couplings
of elastin and water dynamics. Up to three BDS relaxation processes
of hydrated elastin were reported. The fastest one can be attributed
to hydration water19–27 and described by a Gaussian distribution
of activation energies.23 The intermediate and slow processes were
assigned to noncooperative and cooperative dynamics of the elastin–
water system, respectively.21,24 Molecular dynamics simulations of
hydrated elastin-like polypeptides revealed power-law-like decays
of correlation functions associated with hydration-dependent back-
bone motions on pico-to nanosecond scales.28,69,70

We perform neutron scattering studies on protein and water
dynamics in dry and hydrated (h = 0.2 g/g) elastin to shed new light
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on coupled protein–watermotions. To discriminate between protein
and water contributions, we exploit the H/D incoherent scattering
contrast and compare results for samples hydrated by either H2O or
D2O. Over broad temperature ranges, we analyze the elastic inten-
sities to obtain mean square displacements, and we determine the
quasielastic intensity at a fixed frequency,71,72 providing access to
mobility distributions.40,73,74

II. MATERIALS AND METHODS

A. Sample preparation

We investigate elastin in the dry state, elastin hydrated by
H2O (ELA-H2O), and elastin hydrated by D2O (ELA-D2O). The
hydration level of the latter two samples was set to h = 0.2 g/g,
ensuring that there is a complete hydration shell, while freez-
able free water is still absent. In the supplementary material,
we show additional experimental results for a hydration level of
h = 0.4 g/g, where a fraction of water crystallizes. Elastin from
the bovine neck ligament was purchased from Sigma-Aldrich and
used without further purification. It has a molecular weight of
∼64 kDa. For sample preparation, elastin was first dried under
weak vacuum at ambient temperature for more than 12 h. The,
thus, obtained dry protein was then hydrated in a controlled man-
ner by exposure to saturated KCl–H2O atmosphere (ELA-H2O) or
pure D2O atmosphere (ELA-D2O). The hydration level was deter-
mined by measuring the mass change upon water uptake. For neu-
tron scattering measurements, the dry and hydrated elastin samples
were placed in flat aluminum sample holders. The sample thick-
ness amounted to only 0.2 mm to minimize effects of multiple
scattering.

The present experimental results are dominated by the incoher-
ent scattering of protons in the studied samples. Therefore, Table I
specifies the fractions of various proton species, as estimated based
on results for the amino acid sequence of elastin.75 31% and 69% of
elastin protons do and do not belong to methyl groups, respectively.
The latter can be further divided into exchangeable and nonex-
changeable protons. Assuming that each amino acid, except proline,
has one exchangeable proton, ELA-H2O (h = 0.2 g/g) features 10%
exchangeable non-methyl protein protons. Supposing that the latter
fraction is statistically distributed between water and elastin by H/D
exchange in ELA-D2O, we expect that there are ∼9% water protons
in this sample.

TABLE I. Proton fractions in the studied samples. We distinguish between water pro-
tons, methyl protons, and non-methyl protein protons. The latter fraction contains
∼10% exchangeable protons, which are distributed between protein and water by
H/D exchange in ELA-D2O.

Protein protons

Water protons Methyl Non-methyl

dry elastin . . . 0.31 0.69
ELA-H2O 0.23 0.24 0.53
ELA-D2O ∼0.09 0.31 ∼0.60

B. Neutron scattering

Incoherent neutron scattering measurements were performed
on the backscattering spectrometer SPHERES operated by the Jülich
Centre for Neutron Science at the Heinz Maier-Leibnitz Zentrum
(MLZ, Garching, Germany).76,77 It has an energy resolution of
ΔE = 0.65 μeV (full width at half maximum) and provides access
to scattering vectors q between 0.2 Å−1 and 1.8 Å−1. Due to a low
signal-to-noise ratio of the small-angle detectors, the present anal-
ysis was, however, restricted to the range q = 0.6–1.8 Å−1. Mea-
surements in the energy range of −4.68 μeV < h̵ω < 4.68 μeV were
performed between 4 K and 360 K. More precisely, we used temper-
ature ramps of 22 K/h for dry elastin and of 15 K/h below 100 K and
7.5 K/h above 100 K for hydrated elastin and binned data at time
intervals of 20 min.

Figure 1 shows exemplary data of the measured dynamic struc-
ture factors S(q, ω, T). Results of ELA-H2O for the scattering vector
q = 0.6 Å−1 at three characteristic temperatures are compared. In the
following analyses, we utilize the experimental results to determine
both the elastic intensity S(q, ω = 0, T) and the quasielastic energy at
a fixed frequencyωf, S(q,ω =ωf,T), where h̵ωf = 2.25 μeV.More pre-
cisely, to improve the signal-to-noise ratio, we approximate S(q, ω
= ωf, T) by the average intensity I(q, ω ≈ ωf, T) of the dynamic struc-
ture factor in the ranges 1.5 μeV < |h̵ω| < 3 μeV; see Fig. 1. To refer
to contributions S(q, ω = ωf, T) in a predefined frequency/energy
window, the term inelastic fixed window (IFW) intensity was
coined.71

Neglecting contributions from finite experimental resolution
and vibrational atomic motion, the dynamic structure factor can be
written as78

S(q,ω,T) = A0(q)δ(ω) + [1 − A0(q)]L(q,ω,T). (1)

Here, A0(q) denotes the elastic incoherent structure factor and L(q,
ω, T) describes the quasielastic components. Moreover, assuming
simple molecular dynamics described by exponential correlation
functions, the IFW intensity is given by

S(q,ωf,T)∝ [1 − A0(q)] τ(q,T)
1 + [ωf τ(q,T)]2 . (2)

FIG. 1. S(q, h̵ω) of ELA-H2O for q = 0.6 Å−1 at characteristic temperatures. The
energy ranges 1.5 μeV < |h̵ω| < 3 μeV used to determine the IFW intensity are
indicated as gray shaded areas.
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In temperature-dependent analyses, the IFW intensity shows a max-
imum when the correlation time τ of the motion obeys ωf τ = 1.
This maximum occurs because the Lorentzian function L(q, ω, T)
associated with such molecular dynamics is too broad at high tem-
peratures, where τ is short, and too narrow at low temperatures,
where τ is long, to produce high intensity atωf. Using h̵ωf ≅ 2.25 μeV,
the present IFW studies probe molecular dynamics at a time scale of
∼0.3 ns. Different types of motions can be discriminated when the
IFW intensity is analyzed for various scattering vectors q. While the
position of the maximum is independent of the scattering vector for
localized dynamics, a q dependence results from diffusive motions.78

For hydrated elastin, we expect that the prominent disorder in
the structure results in a strong heterogeneity of the dynamics. To
consider such dynamical heterogeneity in disordered materials, it is
useful to assume a temperature-independent Gaussian distribution
of activation energies,23,79–81

G(E) = 1√
2πσ

exp[−(E − Em)2
2σ2

], (3)

which is characterized by a mean value Em and a standard deviation
σ. For q-independent thermally activated motions, the correspond-
ing temperature-dependent distributions of correlation times can be
calculated using the Arrhenius law,

τ(E,T) = τ0 exp( E

kBT
). (4)

Under such circumstances, the IFW intensity is given by

S(ωf,T)∝ ∫ ∞

0
G(E) τ(E,T)

1 + [ωf τ(E,T)]2 dE. (5)

We will use this model to account for methyl group reorientation.
To describe IFW contributions from diffusive motion governed

by a Gaussian distribution of activation energies G(E), we apply the
Arrhenius law to obtain distributed diffusion coefficients,

D(E,T) = D0 exp(− E

kBT
). (6)

Then, the IFW intensity can be written as

S(q,ωf,T)∝ ∫ ∞

0
G(E) D(E,T)q2

[D(E,T)q2]2 + ω2
f

dE, (7)

where it is exploited that correlation times and diffusion coefficients
are related by τ−1(q) = Dq2.

The elastic intensity S(q, ω = 0, T) is employed to determine
mean square displacements u2(T). Specifically, elastic energy and
atomic displacements are related by82

u
2(T) = lim

q2→0
[− 3

q2
ln

S(q,ω = 0,T)
S(q,ω = 0,T = 4K)], (8)

where the low-temperature result S(q, ω = 0, T = 4 K) in the denomi-
nator ensures appropriate normalization. At SPHERES, this analysis
probes molecular displacements at a fixed time scale of τexp = 2 ns,
as determined by the energy resolution of this setup. More detailed
information about the evaluation of the elastic intensity and the
determination of the mean square displacement can be found in the
supplementary material.

III. RESULTS

A. IFW intensity of dry elastin

First, we study the temperature-dependent IFW intensity of dry
elastin. Figure 2 presents results for scattering vectors q in the range
0.6 Å−1–1.8 Å−1. Independent of the value of q, the IFW intensity
starts to increase at T ∼ 125 K and passes a maximum at T ∼ 220 K.
As aforementioned, an IFW intensity maximum results because S(q,
ω, T) is too narrow to produce high intensity at ω = ωf when dynam-
ics is slow at low temperatures, while it is too broad when dynamics
is fast at high temperatures. A lack of q dependence shows that the
underlying dynamics is localized rather than diffusive. Previous neu-
tron scattering approaches to proteins reported that methyl group
rotation results in IFW intensity maxima, which do not depend on
the value of q and occur at similar temperatures.40,73 Following these
studies, we assign the observed IFW intensity to methyl group reori-
entation. For a quantitative analysis, we assume that the disorder
in the local environments causes distributions of activation ener-
gies and, thus, of correlation times for this motion. We find that a
temperature-independent Gaussian distribution of activation ener-
gies G(E) in combination with an Arrhenius law, see Eq. (5), enables
a successful interpolation of the data. When we exploit knowledge
from previous works40,73,83 and fix τ0 at 10−13 s, this fit approach
yields a mean activation energy of Em = 0.17 eV and a standard devi-
ation of σ = 0.04 eV. These results are in excellent agreement with
previous findings for methyl group rotation of other proteins and
polypeptides.40,58,72,73

FIG. 2. Temperature-dependent IFW intensity I(q, ωf, T) of dry elastin for the indi-
cated scattering vectors q between 0.60 Å−1 and 1.76 Å−1. As explained in Sec. II
B, these and the following I(q, ωf, T) data are obtained from averaging the dynamic
structure factor in energy ranges around h̵ωf = 2.25 μeV; see Fig. 1. For clarity, I(q,
ωf, T) data for various scattering vectors are shifted along the vertical axis. The
lines indicate a global fit of the results for all studied q values, which is based on
a Gaussian distribution of activation energies G(E), see Eq. (5), yielding a mean
value of Em = 0.17 eV and a standard deviation of σ = 0.04 eV.
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B. IFW intensity of hydrated elastin

Next, we study the influence of hydration on the IFW inten-
sity. In Fig. 3, we compare data of elastin in the dry state with those
of elastin hydrated by H2O or D2O for three exemplary scatter-
ing vectors. Below about ∼195 K, the IFW intensity is independent
of hydration. As the experimental findings at low temperatures are
dominated by methyl group rotation, the independence reveals that
this motion is not affected by hydration, consistent with previous
results.28,44,58,72 Above ∼195 K, hydration leads to enhanced IFW
intensity, whereby the effect is stronger for ELA-H2O than for ELA-
D2O. The latter finding indicates that dynamics of hydration water
contributes to the experimental results in this temperature range.
This argument can be deduced when we consider the facts that the
incoherent scattering cross section is much higher for protons than
deuterons and that the H/D ratio is larger in the hydration water of
ELA-H2O than in that of ELA-D2O; see Table I. Consequently, the
IFW intensity receives higher contributions from water dynamics
for ELA-H2O than for ELA-D2O, explaining the observed discrep-
ancies. However, this does not mean that the differences between the
dry and hydrated samples are exclusively due to water dynamics, as
will be explored below.

1. Water dynamics

Before turning to that topic, we investigated water dynam-
ics in more detail by subtracting the IFW intensity of ELA-D2O
from that of ELA-H2O. This analysis assumes that observable pro-
tein dynamics are the same in both samples, and it neglects minor
effects arising from a weak mismatch of H2O and D2O dynamics.
The temperature-dependent difference curves resulting from such a
subtraction are shown for various scattering vectors q in Fig. 4. We
observe no difference below ∼195 K, where ELA-D2O and ELA-H2O
have similar IFW intensities, see Fig. 3, whereas the difference curves
showmaxima near 300 K, indicating that water dynamics crosses the
time scale (∼0.3 ns) of our IFW analysis.

FIG. 3. Comparison of the temperature-dependent IFW intensities I(q, ωf, T) of dry
elastin, ELA-H2O, and ELA-D2O. Results for the indicated exemplary scattering
vectors q and h̵ωf ≅ 2.25 μeV are shown.

FIG. 4. Temperature-dependent IFW intensity of the hydration water of elastin
for the indicated scattering vectors q between 0.60 Å−1 and 1.76 Å−1. The data
were obtained by subtracting I(q, ωf, T) of ELA-D2O from that of ELA-H2O; see
Fig. 3. The arrow indicates that the intensity maximum shifts to lower tempera-
tures when the scattering vector is increased. The lines indicate a global fit of the
results for all studied q values to the model of diffusive motion governed by a Gaus-
sian distribution of activation energies G(E), see Eq. (7), yielding a mean value of
Em = 0.57 eV and a standard deviation of σ = 0.08 eV.

Unlike the peaks of the methyl group contribution, the maxima
due to hydration water dynamics shift to lower temperatures when
the value of q is increased. The observed q dependence is indicative
of diffusive motion.71,78 Therefore, we analyze these data based on
Eq. (7), which assumes diffusion governed by a Gaussian distribu-
tion of activation energies G(E). In Fig. 4, we see that this model
allows successful global interpolations of the data for all studied
scattering vectors q, confirming the diffusive nature of the observed
water motion.We note that, unlike in the above evaluation of methyl
group dynamics, stable fits are obtained when the pre-exponential
factor is treated as a free parameter rather than a fixed parameter,
yielding D0 = 0.06 m2/s.

The Gaussian distribution of activation energies G(E) result-
ing from this analysis of hydration water diffusion is described
by a mean value of Em = 0.57 eV and a standard deviation of
σ = 0.08 eV. In Fig. 5, we observe that this result for translational
dynamics agrees with previous findings for rotational dynamics of
elastin hydration water.21–26 Explicitly, combined BDS and NMR
studies yielded a Gaussian distribution G(E) with similar param-
eters, Em = 0.55 eV and σ = 0.04 eV.23 Thus, translational and
rotational dynamics of elastin hydration water are described by con-
sistent Arrhenius behaviors. In particular, we see in Fig. 5 that the
inverse of the peak diffusion coefficient Dm calculated from the
mean activation energy Em according to Eq. (6) has a very simi-
lar temperature dependence to peak rotational correlation times τ
found in previous BDS and NMR studies.21,24,26 All these results
are at variance with a fragile-to-strong crossover in response to a
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FIG. 5. Comparison of present and previous findings for the dynamics of elastin
hydration water. The main panel shows temperature-dependent diffusion coeffi-
cients and correlation times, and the inserted panel compares distributions of acti-
vation energies. Specifically, the inverse diffusion coefficients Dm (line) obtained in
the present approach from the mean activation energy Em according to Eq. (6) are
displayed together with rotational correlation times τ (symbols) reported in BDS
and NMR works.21,24–26 Furthermore, the Gaussian distribution G(E) of our study
(Em = 0.57 eV, σ = 0.08 eV) is presented together with that of combined BDS
and NMR analyses on the dynamics of elastin hydration water (Em = 0.55 eV,
σ = 0.04 eV).23 The arrows indicate the temperatures 237 K and 250 K, where
the rotational correlation times of elastin hydration water enter the experimental
time window of the SPHERES setup, explicitly, where τ = τexp and τ = 5τexp,
respectively.

liquid–liquid phase transition, which was reported in a previous
neutron scattering work on protein hydration waters and related to
the PDT.45,47

2. Elastin dynamics

Next, we use the IFW intensity to gain insights into elastin
motions other than methyl group rotation. For this purpose, we
determine intensity beyond that contributed by methyl and water
protons, which are known from the above analyses. In Fig. 6, the

FIG. 6. Temperature-dependent IFW intensity I(q, ωf, T) of (bottom) ELA-H2O and
(top) ELA-D2O for q = 0.60 Å−1 and h̵ωf ≅ 2.25 μeV. The solid line is the sum of
the contribution of methyl group reorientation (MG, dotted lines) and an upscaled
contribution from hydration water dynamics (H1, dashed lines), which were calcu-
lated from the fits in Figs. 2 and 4, respectively. The actual, i.e., the unscaled water
contribution, as obtained by subtracting the IFW intensity of ELA-D2O from that of
ELA-H2O, is shown for comparison (open circles).

situation is illustrated for both hydrated samples and an exem-
plary scattering vector q. For ELA-H2O, we find that the total IFW
intensity differs from the sum of the methyl and water contri-
butions above ∼195 K, indicating that elastin motions other than
methyl dynamics cause additional intensity. Notwithstanding, the
total intensity is well described up to ∼320 K by a superposition of
the methyl group contribution and an upscaled, i.e., weighted water
contribution, which we denote as H1 contribution. In this analysis,
the superposition is based on the model functions calculated from
the above determinedG(E) distributions of methyl group and hydra-
tion water motions. Likewise, for ELA-D2O, a superposition of the
methyl group and H1 contributions well interpolates the total IFW
intensity below ∼320 K. However, the H1 contribution is againmuch
higher than expected based on the small fraction of water protons
in this sample; see Table I. These findings imply that elastin shows
dynamics, which occurs on the same time scale as water motion and
adds to the H1 contribution. Hence, our results are consistent with
coupled protein–water dynamics reported in the literature.7,38,42,43,58

Above 320 K, the superpositions of the methyl group and H1 con-
tributions, however, do no longer describe the total IFW intensities
of ELA-H2O and ELA-D2O. Specifically, another IFW contribution,
to which we refer to as H2 contribution, grows when heating in
this temperature range. This observation indicates that either the
properties of the coupled elastin–water dynamics, e.g., its amplitude,
change at ∼320 K or another type of elastin dynamics sets in; see
below.

For a more detailed study of the latter elastin motion, we sub-
tract the above determined superpositions of methyl and H1 contri-
butions from the total IFW intensities. The resulting temperature-
dependent H2 contribution is displayed in Fig. 7. We observe that
the H2 contributions of ELA-H2O and ELA-D2O agree for all q,
confirming successful removal of water contributions, which, other-
wise, would cause deviations due to their very different magnitudes
in these samples. Hence, the results reflect elastin dynamics other
than methyl group rotation. The H2 contribution is negligible below
∼320 K, whereas it increases continuously when heating above this
temperature. The onset of this increase hardly depends on the value
of q. This may suggest that the probed elastin motion is of local
nature, but, unfortunately, detailed analysis of this protein dynamics
is not possible, because it does not produce an IFW intensity maxi-
mum in the studied temperature range up to 360 K. Nevertheless, it
is remarkable that the H2 contribution starts to grow near the glass
transition temperature Tg ∼ 320 K.20,24

C. Mean square displacement of dry and hydrated
elastin

We turn our attention to the mean square displacements u2(T)
determined from the elastic intensities using Eq. (8); see the supple-
mentary material. In Fig. 8, we observe that hydration does not affect
u2(T) below ∼195 K. In particular, for both dry and hydrated elastin,
u2(T) shows a crossover at T1 ∼ 125 K, which can be attributed to
the onset of the methyl group rotation on the experimental time
scale.7,44,48,62 By contrast, hydration results in enhancedmean square
displacements above T2 ∼ 195 K. More precisely, the slope of u2(T)
remains essentially unchanged up to 360 K for dry elastin, whereas
it is larger at T > T2 and further increases at T3 ∼ 320 K for
the hydrated samples. In passing, we note that these results for a
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FIG. 7. Temperature-dependent IFW intensity resulting from elastin dynamics other
than methyl group reorientation for the indicated scattering vectors q between
0.60 Å−1 and 1.76 Å−1. Results for ELA-H2O and ELA-D2O are compared. The
data were obtained by subtracting weighted superpositions of contributions from
methyl group reorientation, see Fig. 2, and hydration water dynamics (H1), see
Fig. 4, from the measured total IFW intensity I(q, ωf, T) for h̵ωf ≅ 2.25 μeV. The
weighting factors were determined as illustrated in Fig. 6.

hydration level of h = 0.2 g/g, which allows us to avoid crystalliza-
tion of water, agree with findings for h = 0.4 g/g up to 273 K, where
u2(T) of the latter sample shows a discontinuity owing to melting of
ice; see the supplementary material.

FIG. 8. Temperature-dependent mean square displacement u2(T) of dry elastin,
ELA-H2O, and ELA-D2O, as obtained from fits of the elastic intensities to Eq. (8);
see the supplementary material. The lines indicate approximately linear behav-
iors in various temperature ranges. The arrows mark crossover temperatures
T1 ∼ 125 K, T2 ∼ 195 K, and T3 ∼ 320 K. The inset shows the numerically calcu-
lated derivative du2

dT
(T) for ELA-H2O. The horizontal dashed line indicates nearly

linear behavior of u2(T) in the temperature range 195 K–320 K. The arrow marks
the temperature 237 K where water rotational motion enters the experimental time
window, explicitly, τ = 5τexp; see Fig. 5.

Comparing the findings for ELA-H2O and ELA-D2O in
more detail, we observe similar behaviors in the range 195 K–
320 K, implying that elastin dynamics decisively contributes to the
enhanced mean square displacements of the hydrated samples. This
is because if water dynamics were the main origin of the effect, we
would observe significant differences between both hydrated sam-
ples as a consequence of their diverse fractions of water protons;
see Table I. Considering the results of our IFW analyses, we pro-
pose that the enhanced displacements of the hydrated samples at
T2 < T < T3 are caused by the above discussed coupled elastin–water
dynamics. Moreover, we see in Fig. 8 that the T3 values of ELA-H2O
and ELA-D2O differ by about 5 K due to isotope effects. Yet, u2(T)
increases in a similar manner for both samples above the respective
crossover temperature, again suggesting major contributions from
elastin dynamics. Specifically, comparison with Figs. 6 and 7 implies
that the onset of the H2 contribution to the IFW intensity is related
to the T3 crossover.

Interestingly, the mean square displacements of hydrated
elastin do not yield evidence for the much-noticed PDT occurring
for many other proteins at Td ≈ 240 K. In particular, inspecting
the inset of Fig. 8, we find that the numerically calculated derivative
du2

dT
(T) is basically constant for ELA-H2O in the range 195 K–320 K.

Commonly, it is regarded as a defining criterion of the PDT that the
associated u2(T) break occurs when water dynamics, be it related
to α, JG β, or βh fluctuations,6,11,33 enters the time window of the
experiment, e.g., when τ = 5τexp. For elastin hydration water, the
latter relation is obeyed at 237 K; see Fig. 5. Therefore, we marked
this temperature in the inset of Fig. 8. Evidently, when hydration
water reorientation crosses the experimental time scale, there are no
major changes in u2(T), which would indicate a PDT of hydrated
elastin.

IV. DISCUSSION

Analyzing elastic and quasielastic contributions to the dynamic
structure factor S(q, ω, T), we ascertained several relaxation pro-
cesses of dry and hydrated elastin. The fastest one could be assigned
to methyl group rotation. It causes a decrease in the elastic inten-
sity and a corresponding increase in the quasielastic intensity, which
set in at T1 ∼ 125 K for both dry and hydrated elastin. Focusing
on the temperature-dependent intensity at a fixed frequency offset,
i.e., performing an IFW analysis,71 we found that the methyl group
reorientation is described by a Gaussian distribution of activation
energies G(E) with a mean energy of Em = 0.17 eV and a standard
deviation of σ = 0.04 eV, independent of the value of the scattering
vector q. These results are in very good agreement with those for
other proteins and also polypeptides,40,58,72,73 e.g., a Gaussian distri-
bution characterized by Em = 0.17 eV and σ = 0.06 eV was found for
lysozyme.

The observation that methyl group rotation is independent of
the water content allowed us to eliminate this contribution from
S(q, ω, T) data for hydrated elastin. In this way, we identified two
hydration-dependent contributions to the IFW intensity, which we
denoted as H1 and H2 contributions. The H1 contribution is dom-
inated by water dynamics, but also receives contributions from
elastin dynamics other than methyl rotation, as determined by ana-
lyzing the magnitude of this intensity. To single out effects from
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water dynamics, we subtracted the IFW intensity of ELA-D2O from
that of ELA-H2O. The, thus, obtained difference curves start grow-
ing at ∼195 K and pass a maximum near 300 K, dependent on the
value of q, indicating diffusive water motion. The H2 contribution
stems from elastin dynamics other than methyl rotation and sets
in at ∼320 K. Its onset appears to be independent of the scattering
vector q, which may suggest localized motion, but its maximum is
not reached in the studied temperature range up to 360 K, prevent-
ing definite conclusions about the very nature of elastin dynamics
related to H2.

The IFW contribution from hydration water could be consis-
tently described for all studied scattering vectors q by assuming
diffusive motion governed by a Gaussian distribution of activation
energiesG(E) with amean value of Em = 0.57 eV and a standard devi-
ation of σ = 0.08 eV. Consistent with the supposed diffusive nature,
displacements of protein hydration waters on micrometer scales
were observed in the literature.84 Moreover, in harmony with the
assumed thermally activated motion, Arrhenius laws with similar
activation energies of ∼0.5 eVwere found for reorientation dynamics
of hydration water of various proteins.11–26 In particular, Gaussian
distributions with Em ≈ 0.54 eV and σ ≈ 0.04 eV were obtained for
the fibrous proteins elastin and collagen.23 These results indicate that
translational and rotational dynamics of elastin hydration water are
governed by a common G(E) distribution; see Fig. 5. Moreover, they
show that water dynamics are similar in the hydration shells of both
globular and fibrous proteins. The similar behavior, which involves,
if any, only weak deviations from Arrhenius behavior, is evident
when we compare the rotational correlation times of elastin hydra-
tion water with those of other protein hydration waters in Fig. 9. It
should, however, be noted that, at variance with these findings, other
neutron scattering works reported a fragile-to-strong crossover for
protein hydration waters at ∼225 K.45,47

To obtain further information about hydration-related elastin
dynamics, we compared elastic incoherent neutron scattering data
of dry and hydrated samples. This analysis was done based on the
related mean square displacements u2(T) at the fixed experimen-
tal time scale of τexp = 2 ns; see Eq. (8). All studied samples share
a common u2(T) behavior associated with hydration-independent
methyl group reorientation up to T2 ∼ 195 K, whereas hydrated
elastin shows increasingly larger mean square displacements than
dry elastin when heated above this temperature. In particular, ELA-
H2O and ELA-D2O exhibit a u2(T) crossover at T3 ∼ 320 K,
mildly dependent on the isotope, which does not occur in the dry
state.

Thus, several phenomena concur for hydrated elastin at
T3 ∼ 320 K. While we revealed a crossover in u2(T) and an onset
of the H2 contribution at this temperature, other workers reported
that the glass transition temperature of hydrated elastin amounts
to Tg ∼ 320 K.20,24 In view of this coincidence, we follow previous
works on hydrated proteins11,49 and attribute the observed changes
of elastin dynamics at T3 ≈ Tg ∼ 320 K to a higher temperature
dependence of the amplitude of caged dynamics above the glass
transition temperature, resembling the situation for various types of
glass formers and reflecting a change in the temperature evolution
of the density owing to vitrification.66 Such localized dynamics is
also consistent with the observation that the H2 contribution shows
no clear q dependence. Under such circumstances, the absence of
an analogous crossover for dry elastin in the studied temperature

FIG. 9. Temperature dependence of (top) mean square displacements u2 and
(bottom) rotational correlation times τ of protein–water systems. To eliminate dis-
crepancies due to differing analysis procedures, the mean square displacements
are scaled, u2(T)/u2(T = 150 K), such that they agree at the temperature of 150 K,
where the findings are dominated by methyl group reorientation. Literature results
for lysozyme,41 myoglobin,34 and bovine serum albumin48 are included. Dashed
curves are mean square displacements of dry elastin and lysozyme. The rota-
tional correlation times are from BDS (circles) and NMR (squares) studies. Fast
and slow BDS relaxation processes are distinguished using solid and open sym-
bols, respectively. Results for elastin,24,25 lysozyme,16 myoglobin,16,26 and bovine
serum albumin15 are compared. In brackets, the used neutron scattering spec-
trometers and hydration levels are specified. The horizontal dotted lines indicate
the respective experimental time scales τexp.

range can be rationalized based on its higher glass transition tem-
perature of Tg = 470 K.20 In other words, we propose that the main
cause for the different dynamical behaviors observed for the dry
and hydrated samples in the range 320 K–360 K is the fact that
the dry protein is in the glassy state (T < Tg) in this temperature
range, while the hydrated one is in the viscous state (T > Tg) because
water acts as a plasticizer and reduces the glass transition tempera-
ture of elastin. At this stage, it should, however, be mentioned that
hydrated elastin shows a much debated inverse temperature tran-
sition at ∼310 K.85,86 Despite occurring also near 320 K, we do not
regard the latter phenomenon as important in the present context,
because it marks a transition to a more folded state upon heat-
ing and, hence, should result in lower rather than higher atomic
displacements.

Several neutron scattering studies on protein dynamics
observed a crossover in temperature-dependent mean square dis-
placements at TB ∼ 190 K–210 K, which does not depend on the
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experimental time window.17,33,34,40,48,49 This effect may not be mis-
taken with a further crossover, which, systematically depending on
the spectrometer resolution, occurs at TC ∼ 230 K–250 K and is usu-
ally attributed to the PDT at Td. For hydrated proteins, the crossover
at ∼200 K was assigned to an increasing amplitude of cage rat-
tling motions when the material softens during a glass transition
of water33 or protein.49 This assignment was motivated by analo-
gies with other glass formers66 and based on the observation of
DSC and BDS signatures of the studied globular proteins in this
temperature range. However, a combination of neutron scattering
with DSC and BDS studies revealed for myoglobin that the u2(T)
crossover temperature remains unchanged when the glass transi-
tion temperatures Tg and rotational correlation times τ vary upon
increasing the hydration level,17 indicating that there is no stringent
relation between TB and Tg. Likewise, the crossover temperature
TB does not depend on the value of h for lysozyme,40 while the Tg

value does.16 This change in u2(T) at TB is usually weaker for lower
hydration levels h. For dry proteins, the effect is, consistently, very
weak but still discernible and was attributed to thermal activation
of collective anharmonic motions, which enhance protein flexibil-
ity,51 or, alternatively, to a change in cage rattling dynamics when
crossing a secondary glass transition temperature Tg,β, where the JG
β relaxation has a correlation time of ∼100 s.63 For a simple glass
former, the results of a detailed neutron scattering study implied
that the amplitude of overdamped vibrational motion changes
as a result of thermally activated transitions between metabasins
in the energy landscape, which are associated with the JG β
relaxation.87

To further discuss previous and present findings associated
with the onset of hydration-related protein dynamics at ∼200 K, we
compare not only rotational correlation times but also mean square
displacements in Fig. 9. In detail, the comparison includes data for
the globular proteins myoglobin, lysozyme, and bovine serum albu-
min in addition to our results for fibrous elastin. The hydration levels
of all samples are in the range h = 0.2–0.4 g/g, where the hydra-
tion shells are already filled, while freezable water is still absent.
We see that all hydrated proteins show similar rotational and trans-
lational dynamics. Specifically, they share faster and slower relax-
ation processes in BDS studies, and they exhibit a common onset
of hydration-enhanced displacements at TB ∼ T2 ∼ 190 K–210 K in
neutron scattering approaches.

The faster BDS process, as discussed above, results from sim-
ilar water reorientation in the hydration shells of various proteins.
The slower BDS process was attributed to the α relaxation of pro-
teins,4,11,16 because it has correlation times of τ ∼ 100 s at the
glass transition temperatures of Tg ∼ 180 K–210 K reported for
hydrated globular proteins. However, this relation is clearly violated
for hydrated elastin, which shows a slow process with essentially the
same correlation times τ, see Fig. 9, but a significantly higher glass
transition temperature of Tg ∼ 320 K,20,24 casting serious doubts
on the conjecture to assign the slow process to the α relaxation of
hydrated proteins. Further strong evidence against this assignment
comes from a series of 2H NMR studies,25,26,28 which observed that
the 2H spin-lattice relaxation of non-methyl protein deuterons is
nonexponential up to ambient temperatures. This finding, which
is common to myoglobin,26 C-phycocyanin,28 and elastin,25 indi-
cates nonergodic behavior of these proteins at a time scale of ∼1 s.

This nonergodicity is incompatible with the identification of the
slow process with the α relaxation since, if this were true, the slow/α
relaxation would restore ergodicity at its much shorter time scales,
e.g., τ ∼ 1 ms near 250 K. In view of these shortcomings, we reject
the conjecture to attribute the slow process to the α relaxation of
protein–water systems.

Rather, we propose that the slow BDS process and the related
DSC features can be assigned to a hydration-affected β relaxation
common to globular and fibrous proteins. This assignment naturally
explains that the temperature dependence of the slow BDS process
deviates, if at all, only mildly from the Arrhenius behavior and that
the DSC signatures are weak and broad.13–16 In this scenario, the
onset of enhanced mean square displacements u2(T) at ∼200 K of
hydrated proteins is due to a secondary glass transition atTg,β, as was
conjectured for dry proteins.63 Hence, we rationalize findings for dry
and hydrated proteins on common grounds. Consistently, we see in
Fig. 9 that, for both global and fibrous proteins, the u2(T) crossover
occurs when the correlation time of the slow process amounts to
τ ∼ 100 s. Furthermore, we conjecture that another u2(T) crossover
occurs at the regular glass transition at Tg ≡ Tg,α of the hydration-
affected α relaxation of the protein. As discussed above, this occurs
at T3 ≈ Tg ∼ 320 K for hydrated elastin. However, it remains
a challenging problem for future work to determine whether all
proteins show an α relaxation. One may speculate that the α
relaxation occurs for largely disordered proteins, such as elastin,
resembling segmental motion of polymer melts, while it is largely
suppressed for highly ordered proteins, including myoglobin and
lysozyme.

Several findings indicated that the dynamical process, which
sets in at ∼195 K, can be described as a coupled protein–water
motion, consistent with conclusions in previous studies on various
hydrated proteins.7,38,42,43,58 Nevertheless, our analysis provided only
limited insights into the motional mechanism. More detailed infor-
mation was available in simulation studies.28,51,58,69,70,88 For hydrated
myoglobin, lysozyme, and elastin-mimetic polypeptide (VPGVG)50,
computational works reported that correlation functions of transla-
tional and rotational backbone dynamics decrease in a power-law-
like fashion in the picosecond to nanosecond range.28,69,70,88 When
the temperature is increased, the (negative) slope of the decays
grows, resembling the situation for the nearly constant loss asso-
ciated with cage rattling motions of glass-forming systems.11,49,64

Moreover, simulation work showed that these power-law decays
associated with protein backbone dynamics crucially depend on
the mobility of hydration water.70 Considering these findings, we
argue that this power-law-like relaxation is related to the present
results above ∼195 K. Detailed analysis of simulated trajectories for
elastin-like28,69,70 and other51,58 proteins revealed that the underly-
ing dynamics involves coupled single-well diffusion of large pro-
tein parts and collective correlated forward–backward jumps of
neighboring amino acids. Accordingly, the power-law behavior was
described by a fractional Ornstein–Uhlenbeck process, a disordered
energy landscape model, or a higher-order mode coupling singular-
ity.69,88 Moreover, it was proposed that the main effect of hydration
is to widen the local cages and, thus, to increase the amplitude of
localized rattling motions.58 Consistently, 2H NMR work on dry
and hydrated perdeuterated C-phycocyanin showed that the pro-
tein backbone exhibits exclusively small-angle reorientation up to
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temperatures of ∼260 K and time scales of ∼1 s and that the main
consequence of hydration is a mild increase in the amplitude of this
motion, where the effect sets in somewhat below 200 K and increases
with increasing temperature.28

Our results for hydrated elastin do not yield evidence for any
u2(T) break in the temperature range 195 K–320 K, where previ-
ous studies on other proteins reported the PDT. Several researchers
argued that the PDT occurs when hydration water dynamics enters
the experimental time window.6,31,49 Therefore, we indicate the time
scales τexp of the used neutron scattering spectrometers in Fig. 9. We
see that the temperature dependence of the mean square displace-
ment is stronger for the other proteins than for elastin around 240 K.
One may speculate that this finding indicates that elastin has a rela-
tively low resilience due to a large ratio of amino acids without side
chains, such as glycine or proline, which were previously described
as more rigid.73 In the chosen representation u2 vs 1/T, a prominent
kink at Td ∼ 230 K–250 K is, however, not even clearly observed for
the globular proteins.Moreover, it is unexpected that, after scaling to
common low-temperature behavior, both datasets for bovine serum
albumin agree although the used spectrometer resolutions differ by
two orders of magnitude.

Altogether, we propose that the present neutron scattering
results for hydrated elastin can be attributed to changes in protein
cage rattling motions when crossing a secondary glass transition
at T2 ≡ Tg,β ∼ 195 K and the regular glass transition at T3 ≡ Tg,α

∼ 320 K. Both crossovers result in enhanced mean square displace-
ments u2(T) of hydrated elastin with respect to dry elastin, which we
expect to be independent of spectrometer resolution. The enhanced
protein cage rattling motion is coupled to hydration water diffu-
sion. It is related to both the H1 and H2 contributions to the IFW
intensity, and hence, the necessity to use two contributions reflects
a change in the amplitude of the motion rather than the onset of a
different relaxation mode at ∼320 K. On the other hand, we find no
evidence for any u2(T) crossover in the temperature range 195 K–
320 K, where hydration water dynamics enters the experimental
time window and the PDT of other hydrated proteins was detected.
This finding is puzzling because water dynamics in the hydration
shells of various proteins, including elastin, is very similar, at least
with respect to its rotational component. Therefore, it deserves fur-
ther attention in the future work whether there are still some dif-
ferences, e.g., regarding to the translational aspect of water motion,
which is considered to be of particular relevance to facilitate protein
backbone dynamics. Moreover, it may be worthwhile to determine
in future neutron scattering work whether the observed crossover
temperatures T2 ≡ Tg,β ∼ 195 K and T3 ≡ Tg,α ∼ 320 K of hydrated
elastin are independent of the spectrometer resolution, as expected
for the proposed scenario.

V. CONCLUSIONS

Quasielastic neutron scattering proved useful to gain valuable
insights into the dynamical behavior of hydrated elastin over a very
broad temperature range. A detailed comparison of findings for dry
and hydrated elastin samples allowed us to resolve elastin and water
dynamics and to ascertain their couplings. Furthermore, analyses of
both elastic and quasielastic contributions to the dynamic structure
factor in fixed frequency windows provided access to mean square

displacements and distributions of correlation times or diffusion
coefficients. Finally, exploiting that elastin differs from previously
studied proteins with respect to a much higher glass transition tem-
perature Tg, while water dynamics are similar in the hydration shells
of various proteins, it was possible to scrutinize current models of
protein–water couplings.

We found that methyl group rotation is very similar in dry and
hydrated elastin and dominates the experimental results particularly
at low temperatures. It is well described by a Gaussian distribu-
tion of activation energies G(E) characterized by a mean value of
Em = 0.17 eV and a standard deviation of σ = 0.04 eV. Based on
these results, it was possible to remove methyl group contributions
and to unravel a coupled elastin–water motion, which is strongly
heterogeneous and sets in at ∼195 K. The involved water motion
is of a diffusive nature. It is described by a Gaussian distribution
of activation energies with Em = 0.57 eV and σ = 0.08 eV. This
Arrhenius behavior of water diffusion is in agreement with previ-
ous results for water reorientation, indicating that translational and
rotational motions of elastin hydration water are governed by a com-
mon energy landscape. However, it is at variance with a fragile-to-
strong crossover reported for protein hydration waters at ∼225 K.
The water-related elastin motion is localized. Based on a detailed
comparison with literature data, in particular, simulation results, we
conclude that it can be attributed to backbone cage rattling motion
related to the nearly constant loss phenomenon. Moreover, we argue
that its onset near ∼195 K is related to a secondary glass transition,
which occurs when the β relaxation of the protein has a correlation
time of τβ ∼ 100 s, while a crossover in its temperature dependence
is due to changes in the temperature dependence of the amplitude
of cage rattling motion when crossing the regular glass transition
Tg = 320 K of hydrated elastin, where the α relaxation of the protein
obeys τα ∼ 100 s. On the other hand, we did not observe a crossover
in the temperature-dependent displacements of elastin atoms when
water dynamics enters the time window of the scattering experiment
near 240 K.

SUPPLEMENTARY MATERIAL

See the supplementarymaterial for details on the determination
of mean square displacements from the q dependence of the elas-
tic intensity and for mean square displacements obtained for elastin
with a hydration level of h = 0.4 g/g.
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