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Abstract: Soils are the dominant source of atmospheric nitrous oxide (N2O), especially agricultural 

soils that experience both waterlogging and intensive nitrogen fertilization. However, soil 

heterogeneity and the irregular occurrence of hydrological events hamper the prediction of the 

temporal and spatial dynamics of N2O production and transport in soils. Because soil moisture 

influences soil redox potential, and as soil N cycling processes are redox-sensitive, redox potential 

measurements could help us to better understand and predict soil N cycling and N2O emissions. 

Despite its importance, only a few studies have investigated the control of redox potential on 

N2Oemission from soils in detail. This study aimed to partition the different microbial processes 

involved in N2O production (nitrification and denitrification) by using redox measurements 

combined with isotope analysis at natural abundance and 15N-enriched. To this end, we performed 

long-term laboratory lysimeter experiments to mimic common agricultural irrigation and 

fertilization procedures. In addition, we used isotope analysis to characterize the distribution and 

partitioning of N2O sources and explored the 15N-N2O site preference to further constrain N2O 

microbial processes. We found that irrigation, saturation, and drainage induced changes in soil 

redox potential, which were closely related to changes in N2O emission from the soil as well as to 

changes in the vertical concentration profiles of dissolved N2O, nitrate (NO3−) and ammonium 

(NH4+). The results showed that the redox potential could be used as an indicator for NH4+, NO3−, 

and N2O production and consumption processes along the soil profile. For example, after a longer 

saturation period of unfertilized soil, the NO3− concentration was linearly correlated with the 

average redox values at the different depths (R2 = 0.81). During the transition from saturation to 

drainage, but before fertilization, the soil showed an increase in N2O emissions, which originated 

mainly from nitrification as indicated by the isotopic signatures of N2O (δ15N bulk, δ18O and 15N-

N2O site preference). After fertilization, N2O still mainly originated from nitrification at the 

beginning, also indicated by high redox potential and the increase of dissolved NO3−. Denitrification 

mainly occurred during the last saturation period, deduced from the simultaneous 15N isotope 

analysis of NO3− and N2O. Our findings suggest that redox potential measurements provide suitable 

information for improving the prediction of soil N2O emissions and the distribution of mineral N 

species along the soil profile under different hydrological and fertilization regimes. 

Keywords: water table fluctuations; isotope; soil redox potential; soil geochemistry; N-cycle; N2O 

emissions 
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1. Introduction 

The greenhouse gases (GHG) carbon dioxide (CO2), nitrous oxide (N2O), and methane (CH4) are 

recognized as the most significant contributors to global warming [1]. Soils comprise the largest 

terrestrial carbon and nitrogen pools for the emission of CO2, N2O and CH4 [2–5]. According to Smith 

et al. [6] and the IPCC [1], agricultural activities (such as fertilizer application) contribute around 12% 

(10–14%) to the global anthropogenic GHG emissions, accounting for about 60% of total 

anthropogenic N2O emissions [7,8]. Due to its high global warming potential, even small fluxes of 

N2O contribute considerably to the total GHG budget [9]. However, due to the relatively low N2O 

concentrations and fluxes, as well as the complexity of processes governing N2O emission from the 

soil, our ability to model N2O emissions lags behind that of CO2 emissions [10]. 

N2O emission from soils is influenced by a multitude of factors, such as variations in soil water 

content and associated redox potentials, as well as soil temperature, land management, and nutrient 

concentrations [11–15]. As these controlling factors are interrelated in a complicated way, more 

information on the interplay of oxygen availability, redox potential, and N2O emission is of 

paramount importance to improve the accuracy of N2O emission models [16]. 

The N2O production is strongly linked to the soil microbial community, which is highly sensitive 

to soil aeration conditions [17]. For instance, aerobic microorganism populations thrive under oxic 

conditions, whereas the activity of anaerobic microorganisms is suppressed [18,19]. Therefore, the 

redox potential (Eh) is often used as an indicator for the activity of specific microbial populations that 

control N2O emission [20–23]. For instance, Yu and Patrick [24] found that the highest N2O emission 

occurred during intermediate redox conditions in which Eh ranged between +200 and +400 mV. Other 

studies found that at high Eh (+400 mV and higher) N2O is typically produced by nitrification (e.g., 

[25]), while denitrification takes place in oxygen-deficient environments (+200 mV and lower) 

[15,24,26,27]. 

Because of the influence on oxygen availability, soil water content is an essential control factor 

for N2O emissions as it influences the ratio of nitrification and denitrification in soils [13,28–31]. 

However, the interpretation of Eh towards a better understanding of the control factors of N2O 

emission is still limited due to the low number of experiments with continuous Eh measurements 

[16,20,24,32]. Therefore, the suitability of continuous Eh measurements for a better understanding of 

the N-cycle and N2O emissions still needs to be better exploited, which may provide valuable 

information for optimizing land management towards lower N2O emission rates [33]. 

Recent sensor developments open the possibility for combined long-term monitoring of field-

scale soil water content and soil Eh changes to increase the understanding of the N2O emission 

originated. In a recent study, Wang et al. [23] conducted laboratory lysimeter experiments to 

investigate how changes in Eh induced by the changes in the water level affect N2O emissions from 

agricultural soil. They found that soil Eh proved to be an important indicator for N2O flux rates, as 

well as the availability of NO3− and NH4+ in the soil. However, one drawback of this study was that 

the fertilizer had to be applied from the bottom of the soil column, which does not correspond to the 

common practice of the surface application of fertilizers. 

In order better mimic the actual field conditions, we conducted new lysimeter experiments with 

agricultural soils, in which water and fertilizer were applied to the soil column with a rainfall 

simulator. The source processes of N2O and their modification by fertilization, irrigation, or drainage 

events were characterized by combined Eh measurements and stable isotope analysis. The objectives 

of this study were: (i) to induce variations in soil water content and Eh by a series of irrigation and 

drainage experiments (hydrological events) with a laboratory lysimeter; (ii) to investigate the effects 

of Eh and fertilizer application on N2O emission rates; and (iii) to determine the dominant processes 

of N2O production during the different hydrological events based on stable isotope analysis. 
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2. Materials and Methods 

2.1. Soil Material 

For the lysimeter experiments, we used soil material from the agricultural test site Selhausen 

(50.865° N, 6.447° E, 203 m a.s.l.), which is a part of the TERENO observatory Eifel/Lower Rhine 

Valley and which represents the heterogeneous agricultural area of that region [34]. This site belongs 

to the temperate maritime climate zone with a mean annual temperature and precipitation of 10.2 °C 

and 714 mm, respectively (1961–2014). The main crops at our sampling site are winter wheat (Triticum 

aestivum), winter barley (Hordeum vulgare), sugar beet (Betula vulgaris), and potato (Solanum 

tuberosum). The main soil type is Haplic Luvisol with a silt loam texture (13.8% sand, 68.4% silt, and 

17.8% clay), with good drainage and gas permeability [35]. On February 23, 2018, 60 kg original soil 

samples from the AP horizon (0–30 cm depth) were collected from a wheat field. The air-dried soil 

was passed through a 2-mm sieve and mixed. The total soil nitrogen content was 0.14%, the organic 

carbon content was 0.98%, and the pH value was 6.98. Before the soil was filled into the column, the 

soil was air-dried until the gravimetric water content of the soil was about 7%. An overview of the 

main characteristics of the soil can be found in [23]. 

2.2. Soil Lysimeter Experimental Setup 

The laboratory soil lysimeter experiments were performed at a constant room temperature of 

approx. 20 °C using a laboratory lysimeter (EcoTech, Bonn, Germany) with internal diameter of 30 

cm and a depth of 50 cm. A schematic diagram of the lysimeter and irrigation setup is shown in 

Figure 1. The opaque lysimeter wall was made of polypropylene and PVC with 0.6 cm wall thickness. 

The lower boundary of the lysimeter was made of a porous nylon membrane plate with a pore size 

of 0.45 μm and an air-entry pressure of about 0.2 MPa for flow through. The lysimeter was carefully 

packed with the soil material to a homogenous bulk density of 1.26 g cm−3. 

 

Figure 1. Schematic diagram of the lysimeter system (internal diameter: 30 cm, height: 50 cm). A 

sprinkling system was used to simulate precipitation or fertilization process in the lysimeter, and the 

closed chamber method was used to measure the fluxes of greenhouse gases (PT100 sensors are not 

shown). 
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Precipitation was simulated using a dedicated sprinkling head (EcoTech), which ensured 

uniform irrigation of the soil surface through 163 geometrically equally distributed capillaries. The 

static chamber method was used for N2O emission flux measurements (see detailed description in 

Section 2.4). The redox potential was measured using a set of Pt electrodes and one Ag/AgCl reference 

electrode (EcoTech). The ten Pt electrodes were installed at five depths (3, 11, 19, 27 and 35 cm below 

soil surface), and two replicate Pt electrodes were inserted opposite to each other in each layer. The 

reference electrode was installed vertically from the soil surface and inserted into a 15 cm borehole 

in the center of the soil column and was then sluiced to optimize soil contact. 

Soil water potential was measured with ten laboratory tensiometers (T5, Meter Group AG, 

Munich, Germany), which were installed at the same depths as the Pt electrodes. A data logger (DT 

85, Thermo Fisher Scientific Inc., Melbourne, Australia) was used to collect the sensor data at 15 min 

resolution. In addition, we installed nylon suction cups (Rhizon samplers, MOM 19.21.21, 

Rhizosphere Research Products, Wageningen, The Netherlands) at depths of 3, 11, 19, 27, and 35 cm, 

respectively, to collect soil pore water for regular analysis of ammonium, nitrate, and dissolved 

greenhouse gases. The suction cups had a diameter of 2.5 mm and a mean pore size of 0.15 μm. Soil 

temperature was measured at depths of 11 and 35 cm using PT100 sensors. 

The initial soil NO3− and NH4+ concentrations were determined from soil samples taken at the 

same five depths at which the soil redox electrodes, the tensiometers, and the microsuction cups had 

been installed. The determinations took place by extracting 2 g of soil with 50 mL 0.1 M CaCl2 solution 

and analysis of the extract with ion chromatography (Dionex ICS-3000, Dionex Corporation, 

Sunnyvale, CA, USA). 

2.3. Experimental Procedures 

The lysimeter experiment was run continuously for more than 165 days in 2018, in which the 

lower boundary was controlled either with a constant positive pressure head using a Mariotte’s bottle 

to induce a water table, or by applying a negative pressure using a hose pump to induce drainage 

flow (see Wang et al. [23], for more details of the setup). During periods of water saturation, soil pore 

water was sampled using the suction cups installed at the five different depths and analyzed for 

NO3−, NH4+ and N2O concentration on June 5, June 15, July 7, and August 8. 

The entire study consisted of four different experimental phases (see also Table 1): First a period 

without fertilization (called Experiment 1, from March 21 to June 1). Experiment 1 aimed to 

investigate the relationship between N2O emissions and Eh in soil during long periods of saturation 

and the resulting consumption of dissolved N. Then two periods followed, each of which started with 

a fertilization event (Experiment 2, from June 2 to 29; and Experiment 3, from June 30 to August 3) to 

investigate the effects of irrigation after fertilization on N2O emissions. Finally, a post-fertilization 

period with saturated conditions (Experiment 4, from August 4 to 26) was carried out. The 

experimental procedures during these four phases are described in detail below. Saturation means 

the whole soil column was saturated as indicated by the soil water potential (Figures 2a, 3a, 4a, and 

5a). 
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Table 1. Mean, maximum, and minimum daily soil redox potential values and N2O fluxes. In 

addition, the range, standard deviation (SD) and the coefficient of variation (CV) are provided. 

   Redox Potential   N2O 
 −3 cm −11 cm −19 cm −27 cm −35 cm All Fluxes (μg N m−2 h−1) 
 Experiment 1: Before fertilization (n = 72) 

Mean 516.2 175.3 376.5 374.7 229.5 334.4 12.1 

Max 558.5 597.9 621.1 601.6 598.9 583.0 91.7 

Min 291.7 −195.4 85.4 98.6 −141.1 83.6 0.0 

Range 266.8 793.3 535.7 503.0 740.0 499.4 91.7 

SD 61.2 228.2 196.8 165.0 247.4 164.9 23.3 

CV (%) 11.9 130.1 52.3 44.0 107.8 49.3 192.4 
 Experiment 2: 1st fertilization (n = 28) 

Mean 570.3 510.5 513.3 531.6 352.2 495.6 137.8 

Max 608.1 627.4 634.1 624.4 579.3 608.6 539.4 

Min 451.0 214.5 295.8 367.9 99.3 340.2 4.1 

Range 157.1 412.9 338.3 256.5 480.0 268.4 535.3 

SD 42.6 121.4 99.3 73.4 161.0 87.1 158.5 

CV (%) 7.5 23.8 19.3 13.8 45.7 17.6 115.1 
 Experiment 3: 2nd fertilization (n = 35) 

Mean 537.7 629.3 611.2 603.6 480.1 572.4 38.4 

Max 582.2 634.2 647.6 634.4 585.4 609.8 187.4 

Min 475.3 607.2 495.9 514.7 241.9 476.7 0.6 

Range 106.9 27.0 151.7 119.7 343.4 133.0 186.8 

SD 32.9 5.8 43.9 33.8 109.5 37.5 51.0 

CV (%) 6.1 0.9 7.2 5.6 22.8 6.5 131.9 
 Experiment 4: Post-fertilization saturation phase (n = 29) 

Mean 574.1 632.0 639.3 622.8 531.3 599.9 50.2 

Max 616.5 640.3 658.2 637.8 603.2 631.2 360.2 

Min 503.6 565.0 545.6 542.1 260.3 496.3 0.2 

Range 112.9 75.3 112.6 95.7 342.9 134.9 360.0 

SD 32.6 14.7 27.2 23.7 87.7 33.6 95.2 

CV (%) 5.7 2.3 4.3 3.8 16.5 5.6 189.8 

n, number of days of the experiment. The period before fertilization lasted from 21 March to 1 June, 

the 1st fertilization experiment from 2 June to 29 June, the 2nd fertilization experiment from 30 June 

to 3 August, and the post-fertilization saturation phase from 4 August to 1 September. 

On March 21 and 23, the soil was irrigated with 4.2 L of tap water (corresponding to a rainfall 

event of 60 mm). In the following, the irrigation intensity was reduced to match the decreasing 

infiltration capacity. From March 29 to April 3, the soil column was irrigated with 2.1 L (30 mm) of 

water every day, and on April 8, 9, 12, and 21 with 1.05 L (15 mm) of water. Throughout the irrigation 

activities, we tried to avoid infiltration excess; nevertheless, there was 4–6 h of water ponding on the 

soil surface following each irrigation event. During three periods (from April 23 to May 11, June 2 to 

8, and June 12 to 15) a low amount of water was continuously applied (~2 mm/day) to compensate 

for the evaporation loss of the soil and thus maintaining an anoxic state in the soil column. 

Subsequently, drainage was initiated on May 24 and maintained until June 1 by inducing a negative 

pressure of −1 atm at the lower boundary with the vacuum pump for 2 h per day (Figure 2a). On May 

30, 2 g of soil material was collected from each of the five depths (3, 11, 19, 27, and 35 cm) to determine 

the soil NH4+ and NO3− concentrations. 
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Figure 2. Experiment 1 (before fertilization). Changes in (a) soil water potential (SWP), (b) soil redox 

potential (SRP), and (c) N2O emission rate induced by irrigation (I), drainage (D), irrigation with 

fertilizer (F), desaturation of the soil with pump (P). The red dots in panel c indicate the N2O isotope 

sampling days. 

In a second experiment (Figure 3), the soil in the lysimeter was fertilized on June 2 with 1.98 g 
15N-labeled ammonium sulfate (1.9 atom% 15N, corresponding to 60 kg N ha−1) dissolved in 2.1 L of 

tap water, to apply fertilization and irrigation simultaneously (also known as fertigation). 

Subsequently, two further irrigation events without fertilizer application (2.1 L and 4.2 L) were 

carried out on June 5 and 12 (Figure 3a). The drainage events were performed on June 8 and 15. 

A second application of the 15N-labeled fertilizer (again 1.98 g of 15N-labeled ammonium sulfate 

with 1.9 atom% 15N) took place on June 30, after which the soil was subjected to free drainage for four 

days. With the help of the Mariotte bottle, the water level in the soil column was then adjusted first 

to 23 cm and on July 6 to 15 cm for another eight days. On July 16, drainage was initiated using the 

pump. 

The final irrigations with 2.1 L of tap water each took place on August 4 and 8, and soil drainage 

was again activated on August 12, until the soil was desaturated to a water potential lower than −150 

mbar at 35 cm. 
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Figure 3. Experiment 2 (1st fertilization). Changes in (a) soil water potential (SWP), (b) soil redox 

potential (SRP), (c) N2O flux induced by irrigation (I), drainage (D), irrigation with fertilizer (F), 

desaturation of the soil with pump (P), (d) percentage of N2O from the added fertilizer. 

At the end of the experiment, soil samples were taken using stainless-steel cylinders (8 cm 

diameter) in the center of the lysimeter at six depth sections (0–7, 7–15, 15–23, 23–31, 31–39, and 39–

47 cm, respectively). The soil of each depth section was mixed, and NH4+ and NO3− concentrations 

were determined as described above. The results of mineral N concentrations in the different depth 

sections were considered as representative for the five depths of the soil redox sensors. 

2.4. N2O Flux Measurements 

Nitrous oxide fluxes were determined daily throughout most of the experimental periods with 

the static chamber method by placing a PVC chamber (volume 5.65 L) gastight on the soil column 

and collecting gas samples manually with a syringe 0, 10, 20, 30, and 40 min after chamber closure. A 

1.5 m long polyethylene tube with 2 mm inner diameter was connected to the chamber to keep the 

air pressure in the chamber headspace equal to the ambient air. The first sample was collected directly 

after the chamber was closed, and the samples were transferred to pre-evacuated (−1 atm) 22-mL GC 

glass vials. The gas samples were then analyzed with a gas chromatograph (8610C, SRI Instruments, 

Torrance, CA, USA). The gas flux rates were determined using a simple linear regression for the five 

concentration points as described by Parkin and Venterea [36]. Flux values were accepted if the 

coefficient of determination (R2) was larger than 0.8, or assumed to be zero when the deviation of the 

concentration values of the five different time points from the mean of the five samples was below 
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two standard deviations [23]. In all other cases, calculated flux rates were discarded. The N2O fluxes 

were calculated using Equations (1) and (2) in Wang et al. [23]. 

For the analysis of gas concentrations in soil solution, soil pore water was collected with the 

Rhizon samplers at the different depths in 22-mL GC vials. For the GC analysis, a headspace of 7 mL 

was created in the 22-mL GC vials using ambient air, and after 24 h equilibration the N2O 

concentrations in the vial headspace were measured with the GC as described above. The dissolved 

gas concentrations were calculated with Henry’s law, based on the air pressure and the concentration 

of the gases in the vial headspace according to Xu et al. [37]. 

2.5. Isotope-Ratio Measurements 

For tracing the source process (nitrification or denitrification) of the N2O, additional gas samples 

were collected after the routine gas flux measurement. Eighty minutes after the chamber was closed, 

120 mL of gas in the static chamber headspace was transferred to a 120-mL pre-evacuated serum 

bottle for further analysis of the isotopic signature. Before fertilization (i.e., 15N application), the 

analysis of the natural N2O isotopocule abundances, i.e., the δ15N, δ18O, and 15N site preference (15N 

SP), was used to identify the source process of N2O [38]. The δ15Nbulk, δ18O, and 15N SP of N2O in the 

gas samples and laboratory background air samples were analyzed using an isotope ratio mass 

spectrometer (IRMS, IsoPrime 100, Elementar Analysensysteme, Hanau, Germany). For more details 

of the IRMS analysis we refer to Heil et al. [39] and Wei et al. [40]. Decock and Six [41] summarized 

the average SP values for N2O produced via the different pathways, with 32.8 ‰ (±4.0 ‰ SD) for all 

known processes involving NH2OH oxidation (i.e., nitrification and fungal denitrification), and −1.6 

± 3.8 ‰ for all known processes involving nitrate or nitrite reduction (i.e., bacterial denitrification). 

An intermediate SP value would indicate mixed source processes of N2O [42]. 

After 15N fertilizer application, only δ15Nbulk of N2O was used as isotopic information to calculate 

the contribution of fertilizer N to the total N2O emission by application of a two-end member mixing 

model approach [43], as the natural abundance signal was no longer usable. The δ15N of the applied 

N fertilizer (4268‰) was used as one end member and the δ15Nbulk of N2O in background air (6.6‰) 

as the second end member in the mixing model. Due to the relatively low 15N content of the fertilizer 

(1.9 atom% 15N), the contribution of doubly 15N-labeled N2O to the total N2O emission was negligible. 

The 15N signature of soil NH4+ was determined with the micro-diffusion method [44], followed 

by elemental analyzer (EA)-IRMS analysis (Flash EA 2000 with Delta V Plus; Thermo Fisher Scientific, 

Bremen, Germany). The 15N isotope analysis of soil NO3− was performed in a first step with a liquid-

liquid extraction method [45], followed by EA-IRMS analysis. Soil total organic N was analyzed also 

using EA-IRMS. For a detailed description of soil 15N measurement procedures see Wei et al. [46]. 

2.6. Eh Measurements 

The reduction-oxidation (redox, Eh) potential is a quantitative measure of the electrochemical 

potential in a solution containing oxidizing and reducing chemical species [47]. The standard Eh is 

defined as the potential of a red/ox pair measured against the standard hydrogen reference electrode 

(E0). The in-situ redox potential measured in the soil against the Ag/AgCl reference electrode can be 

converted to the standard Eh by adding the temperature-dependent offset between the normal 

hydrogen electrode and the Ag/AgCl electrode (Eref) [26]. As the soil temperature was close to 20 °C 

throughout the experiment, the measured redox potential values were converted to Eh by adding an 

Eref of 210.5 mV. 

2.7. Statistical Analysis 

The statistical analyses were conducted using the Python statistics package, version 3.6 (Python 

Software Foundation, Wilmington, DE, USA), using Pandas and NumPy libraries. 
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3. Results 

3.1. Impact of Hydrological Events on Soil Water Potential and Eh 

The soil Eh and soil water potential at the different depths changed in response to irrigation 

events during the experiments. After several irrigation events at the beginning of the experiment, the 

soil was water-saturated and the soil Eh rapidly decreased (Figure 2b). During the first two weeks of 

the experiment, the soil Eh was above 500 mV in the entire soil profile. From April 4 to May 13, the 

soil Eh at 11 cm and 35 cm dropped from 550 mV to the lowest value (around −150 mV) and became 

stable afterwards, suggesting that also the microbial activity had stabilized. Reducing conditions can 

be separated into weakly reducing (400 > Eh > 200 mV), moderately reducing (200 > Eh > −100 mV), 

and strongly reducing (Eh < −100 mV) conditions. 

The following fertilization experiment showed a similar pattern, but the influence on Eh was 

more pronounced. After onset of irrigation on June 2, the Eh values showed a stronger decrease near 

the surface (3 and 11 cm) than at greater depth. The Eh values down to 27 cm depth remained above 

500 mV, regardless of whether fertilization, drainage or waterlogging occurred. In contrast, Eh at 35 

cm decreased to values below 200 mV, indicating reducing conditions in the lower part of soil 

column. A short-term decrease of Eh at shallow depth (from 500 to 200 mV at 11 cm) was observed 

on June 3 after fertilizer irrigation (Figure 3b), and similarly on June 30 (Figure 4b). During the final 

period from August 9 to 12, only Eh at 35 cm indicated intermediate redox conditions (+300 mV) 

(Figure 5b). 

 

Figure 4. Experiment 3 (second fertilization). Changes in (a) soil water potential (SWP), (b) soil redox 

potential (SRP), (c) N2O flux induced by drainage (D), irrigation with fertilizer (F), desaturation of the 

soil with pump (P), water table rise (R), (d) percentage of N2O derived from the added fertilizer. 
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Figure 5. Experiment 4 (post-fertilization saturation phase). Changes in (a) soil water potential (SWP), 

(b) soil redox potential (SRP), (c) N2O flux induced by irrigation (I), drainage (D), desaturation of the 

soil with pump (P), (d) percentage of N2O from the added fertilizer. 

The Eh variations during different phases are shown in Table 1. From pre- to post-fertilization 

phase, a strong decline of the coefficient variation of mean Eh values (from 49% to 5%) was observed, 

whereas the mean Eh values increased after N addition to the soil at all depths (from +334 mV to +599 

mV). Before fertilization, negative redox values were also observed after a long saturation period 

(Figures 2b and 6a), which was not the case after fertilization (Figures 3b, 4b, 5b and 6b). Furthermore, 

after fertilization redox potential values were rarely below 400 mV at shallower soil depth (Figure 

6b), whereas before fertilization also at shallower depths redox potential was frequently below 400 

mv (Figure 6a). 

 

Figure 6. Nitrous oxide emissions versus soil redox potential measured at 3, 11, 19, 27, and 35 cm 

below the soil surface (a) before and (b) after fertilization. 
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3.2. Impact of Hydrological Events on N2O Emissions 

The average soil temperature during the experiments was 19.4 °C (SD 0.7 °C) at 11 cm and 18.9 

°C (SD 0.7 °C) at 35 cm. Given these low variations in temperature, we assumed that changes in soil 

temperature were not a critical control factor of N2O formation and emission in our experiments. 

The first experiment without fertilization (from March 24 to May 14) was characterized by 

relatively low N2O emission (on average 2.3 μg N m−2 h−1), indicating that N consumption was 

dominant (Figure 2c). However, after initiating free drainage on May 14, the N2O flux gradually 

increased in the following days, peaking at 82.6 μg N m−2 h−1 after six days. On May 24, drainage was 

initiated by pumping, which led to a strong increase in Eh at all measurement depths, except for 3 

cm, where Eh had been high before. Three days later, a further N2O emission peak with 91.7 μg N 

m−2 h−1 occurred (Figure 2c). 

During the second experiment that featured the first fertilization via irrigation on June 5, N2O 

emission become generally more dynamic, with larger N2O fluxes especially after forced drainage by 

pumping (Figure 3c). Directly after the fertilizer application, an increase in N2O emissions was 

observed, and N2O flux further increased gradually until the next irrigation event (from 0 to above 

550 μg N2O-N m−2 h−1). After the irrigation, a sharp decrease in N2O emission occurred, indicating 

transport limitation due to water-filled pores, from above 500 to around 200 μg N2O-N m−2 h−1 after 

saturation on June 5. This effect was even more pronounced after the irrigation event on June 12, 

when N2O emissions decreased from about 400 μg N2O-N m−2 h−1 down to almost 0 μg N2O-N m−2 

h−1. 

The N2O emissions increased rapidly during the first five days after drainage on June 8 to values 

between 400 and 550 μg N2O-N m−2 h−1. The peak of N2O emission was more than five times higher 

than during the first experiment without fertilization. 

After the second fertilization event on June 30, N2O emission started to increase (Figure 4c), and 

peaked at about 200 μg N2O-N m−2 h−1 on July 2 and deceased to around 50 μg N2O-N m−2 h−1 in the 

following five days. The emission rate stayed between 40 and 65 μg N2O-N m−2 h−1 despite the rising 

water table. After drainage on July 12, the N2O emission rate progressively decreased to 0 (Figure 4c). 

The final irrigation experiment started on August 8, during which the N2O emission constantly 

increased from 0 to 400 μg N2O-N m−2 h−1 within four days, and then gradually decreased to zero 

emission within five days after drainage. After August 18, the soil N2O flux returned to pre-irrigation 

level (Figure 5c). 

Table 1 shows the mean, minimum and maximum N2O fluxes during the four different 

experiments. With 137.8 μg N2O-N m−2 h−1 the highest mean N2O emission rate occurred during 

Experiment 2, i.e., after the first fertilization. This value was about 3.6 times higher than the mean 

N2O emission rate of Experiment 3 (38.4 μg N2O-N m−2 h−1). Figure 6 shows the mean Eh of the five 

different depths of the soil column and the N2O fluxes before (Figure 6a, Experiment 1) and after 

(Figure 6b) fertilization (Experiments 2, 3 and 4). Before fertilization, Eh showed considerable 

variability at the different depths, with Eh values at some depths even indicating reducing conditions 

(Figure 6a), while after fertilization, most of the Eh values were in the oxic range (above +400 mV) 

(Figure 6b). 

3.3. Variations of δ15Nbulk, 15N SP and δ18O of N2O Emissions 

The contribution of the different microbial source processes to the emission of N2O before 

fertilization (Figure 2c) was analyzed at the level of natural isotope abundance. The isotopic signature 

(δ15Nbulk, δ18O, 15N SP) of N2O emission after drainage on June 19, 20, 26, and 27 indicated that the N2O 

originated exclusively from bacterial or archaeal nitrification, and not from bacterial denitrification 

or nitrifier denitrification (Figure 7). 
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Figure 7. Dual isotope end-member map for N2O source partitioning before fertilization. Relation 

between δ15Nbulk and SP (a) and the relation between δ18O and SP (b). The squares indicate typical 

ranges for the microbial processes of N2O production. The red squares represent the isotope 

signatures of N2O emission on May 20, 21, 27, and 28 (shown in Figure 2c as red dots) before 

fertilization in this study. The rectangles are taken from Toyoda et al. [48]. 

Two to three days after the onset of fertilization, the δ15N value of N2O indicated that almost 

100% of δ15N-N2O originated from the applied fertilizer (Figures 3d and 4d). Another peak of δ15N-

N2O occurred after drainage on June 9 and 10, indicating that again all of the δ15N-N2O originated 

from the applied fertilizer. As can be seen in Figure 3d, the high δ15N-N2O during the first fertilization 

phase occurred when the soil was at low water potential. About 90% of the N2O originated from the 

added fertilizer on June 6 and 7, while 44–55% of N2O was fertilizer-derived on June 13 and 14. After 

the onset of the second fertilization, δ15N-N2O increased again with values between 3056 and 4268‰ 

before drainage. After drainage on July 13, the δ15N-N2O decreased from 2467 to 1204‰ on July 15 

(Figure 4d). 

After irrigation on August 5, the mean δ15N-N2O was 2451‰ during a period with low water 

potential (Figure 5c). However, as soon as saturation was initiated on August 8, δ15N-N2O gradually 

increased again to values around 3418 to 4014 ‰, accompanied by high N2O emissions, meaning that 

around 80–95% N-N2O originated from the added fertilizer (Figure 5d). 

3.4. Impact of Different Hydrological Events on Mineral N and Dissolved N2O Concentrations along the Soil 

Profile 

The concentration distribution of gaseous N2O in the soil solution extracted with the suction 

cups showed that the highest N2O concentrations in soil solution occurred after irrigation and 

nitrogen fertilization events (Figure 8). On June 5, the gaseous N2O concentration profile was V-

shaped with the lowest concentration at intermediate depth, and with a similar depth distribution as 

the NO3− concentration in the soil solution (Figure 9c). 
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Figure 8. Concentration of dissolved N2O. 

 

Figure 9. Concentration of mineral N at different depths of the soil column, (a) of ammonium (NH4+) 

and nitrate (NO3−) extracted from soil samples taken after drainage on May 30, (b) and (c) of NH4+ and 

NO3−, respectively, in soil solution sampled at the four different time points indicated. 

The fertilization and hydrological events (i.e., irrigation and drainage) significantly altered soil 

mineral nitrogen and gas concentrations both in space and time. Figure 9 illustrates the dissolved 

NH4+ and NO3− concentration in soil solution on May 30, June 5 and 15, July 7, and August 8. While 

NH4+ was close to the detection limit before fertilization, NO3− ranged between 10–25 μg g−1 soil dry 

weight (Figure 9a). After fertilization, NH4+ concentration was highest at 11 cm on June 5 and 15, but 

was basically at the detection limit on July 7 and August 8 (Figure 9b). In contrast, NO3− showed a 

different pattern, with low values across the soil profile on June 5 and 15, highest values on July 7 at 

3 cm and 11 cm, and intermediate concentrations without clear depth dependence on August 8 

(Figure 9c). 

At the end of Experiment 4, concentrations of total N and NH4+ were uniformly distributed along 

the soil profile (Figure 10a,b), but the soil NO3− concentration was highest at −3 cm, and much lower 

from 11 cm to greater depth (Figure 10c). There was a pronounced decrease in 15N enrichment of all 
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three parameters with increasing soil depth (Figure 10d–f). However, compared to δ15N of NO3−, the 

δ15N of NH4+ value was very low, indicating that only 3.4% of the N in NH4+ was from the added 

fertilizer at 0–7 cm soil depth, and in the rest of the soil the contribution of fertilizer N to the residual 

NH4+ was below 1%. In contrast, the fraction of fertilizer-derived N was high in NO3−, amounting to 

80%, 49%, 37%, 27%, 17%, and 11% in the different depth sections from the topsoil to the bottom of 

the lysimeter, respectively. 

 

Figure 10. Concentration of (a) total N, (b) ammonium (NH4+), and (c) nitrate (NO3−) in soil, and δ15N 

of (d) total N, (e) NH4+ and (f) NO3− at the end of the series of experiments. 

4. Discussion 

In farmland systems, management activities like fertilization and irrigation exert a strong control 

on the occurrence and intensity of nitrification and denitrification processes in soils and related N 

fluxes (e.g., transport of dissolved N and emission of N2O) [10,49–51]. Variations in N2O flux rates 

from soils are induced by complex interactions between fertilizer application, microbial processes, 

and soil physical conditions [14]. For example, the infiltration of rainwater or irrigation water will 

induce changes in Eh that affect microbial processes as well as the transport of electron acceptors and 

nutrients. The application of stable isotopes can help to elucidate these processes. In this study, the 

natural abundance of 15N and its intramolecular distribution in N2O as well as 15N-labelled mineral 

fertilizer were used to better understand the effects of variations in soil water content and soil Eh on 

N2O production and emission. 

4.1. Effects of Soil Hydrological Conditions on Eh and Dissolved N 

The distribution of dissolved NH4+ and NO3− along the soil profile varied in response to irrigation 

and fertilization (Figure 9b,c), similar to the study of Rubol et al. [16]. Before fertilization, the soil Eh 
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was low in the lower parts of the soil column (Figure 2b), since during the prolonged soil saturation 

the active soil microorganisms use alternative electron acceptors instead of oxygen [52–54]. Therefore, 

consistent with the high consumption rate of nitrate at −11 cm (Figure 9a), the Eh decreased even 

further and faster at −11 cm (Figure 2b). The low NO3− concentration at that same depth might have 

led to the use of other substrates like Mn4+ as electron acceptor [22]. 

Kralova et al. [55] found that an increase of Eh from +550 to +600 mV led to the transition from 

mineralization to nitrification, associated with an increase in nitrate content. Accordingly, in our 

experiments soil Eh above −27 cm was around +600 mV after the second fertilization event, and 

allowed a large part of the added NH4+ to be converted to NO3− from June 30 to July 7 (Figure 9b,c). 

The higher redox potential values after fertilization compared to those before fertilization may be 

explained by the lack of prolonged periods of saturation. The higher Eh values after fertilization 

compared to those before fertilization may be explained by the lack of prolonged periods of 

saturation. The microorganisms did not have enough time to consume the different alternative 

electron acceptors pools sequentially, and it may be the reason for the soil Eh remaining at a higher 

level compared to the per-fertilization period [56]. Another reason for the higher Eh observed after 

fertilization may be the larger availability of nitrate after the addition of ammonium due to its 

conversion to nitrate via nitrification, which prevents a further decrease in Eh as long as sufficient 

nitrate is available in the soil column. The addition of NO3− can significantly increase Eh when the 

soil is in reduced conditions, as a strong electron acceptor is added to the soil [57]. This result is 

similar to that of Buresh and Patrick [58], who found that after addition of NO3− the soil Eh increased 

significantly from −300 to +160 mV. The increase of Eh was maintained until the NO3− was consumed, 

i.e., reduced. In accord with the results of Hansen et al. [32], the Eh can help to interpret the possible 

N transformation processes in the soil. 

4.2. Changes in N2O Emissions in Response to Changes in Soil Water Potential, Eh, and Available N 

Ye et al. [59] found that in paddy soil, N2O emission occurred after the water level dropped after 

long-term flooding, similar to our results in the experiment before fertilization. The simultaneous 

irrigation with 15N-labeled NH4+ fertilizer triggered nitrification, associated with the consumption of 

added NH4+ and the accumulation of NO3− in the upper part of the soil column (Figures 9b,c and 

10b,c,e,f). This is consistent with the relatively high mean Eh near the soil surface that was not 

favorable for denitrification. In contrast, at the bottom of the column, we found low N2O 

concentrations in the soil water, suggesting reduction of N2O to N2 [16,60,61]. 

In our study, N2O emission rates were affected by hydrologic conditions and events, but with 

different dynamics. As Figures 2c and 3c illustrate, N2O emission gradually increased after the 

initiation of drainage and after the first fertilization, respectively, possibly because of the activation 

of nitrification induced by the drainage (Experiment 1, Figure 2c) and fertilization (Experiment 2, 

Figure 3c). A similar delay in N2O emission after fertilization or irrigation was also observed in other 

studies [11,23,62,63]. In all cases, the apparent delay in N2O emission corresponded to water content 

changes after the soil was saturated or fertigated. Once nitrification was activated, any fast changes 

in the hydrologic conditions led also to immediate changes in N2O emissions, which was decreased 

by further irrigation and increased immediately again after subsequent drainage (Figure 3c). A 

possible explanation is that it takes several days to activate the microbial nitrifier community, which 

then oxidizes ammonium to nitrite (ammonia-oxidizing bacteria and archaea) and then further to 

nitrate (nitrite-oxidizing bacteria). Any short-term changes in aeration status which are imposed then 

on the soil by changes in the water content and water table height will immediately affect the activity 

of this microbial community by the decrease or increase in oxygen availability, because ammonia and 

nitrite oxidizers are obligate aerobic. As oxygen is expelled from the soil pores during irrigation, and 

as oxygen quickly re-enters the soil profile after drainage, the activity of obligate aerobes can be 

basically switched on and off very quickly, if the anoxic periods do not last too long. This assumption 

is supported by the changes in redox potential in our experiments, which quickly recovered after 

drainage to values in excess of +400 mV, indicating optimal conditions for the nitrification process 

[22]. Another possible explanation of the lag of N2O emission in the soil after the saturation may be 
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the decrease in N2O diffusivity in the soil due to the increased water content, leading to initially low 

N2O emission from the soil surface. 

Before fertilization, most of the N2O fluxes from the surface of the soil column originated from 

nitrification, as indicated by the end-member map in the dual isotope plot (Figure 7). Our results 

indicated that there was no or very weak ammonification of organic (i.e., unlabeled) N involved. 

Although the organic N can be nitrified and denitrified after the ammonification, the N mainly 

involved in the soil N-cycle was from the added 15N-labeled N. Thus, the most important N-

conversion processes in our experiments were nitrification and denitrification, which convert NH4+ 

to NO3−, and NO3− via N2O to N2, respectively. The change in the fraction of N2O derived from 

nitrification or denitrification could be deduced from the simultaneously determined 15N-signatures 

of N2O and mineral N. 

Moreover, after fertilization, nitrification dominated N2O production in soil with high Eh in the 

upper part of the soil column, when NH4+ was still available in sufficient quantities (Figure 9b), 

indicated by the high δ15N of N2O. However, after August 8 (i.e., after the two fertilization 

experiments), when the concentration of NO3− dissolved in soil water reached values above 200 μg 

ml−1 at all five depths, the decrease in Eh below +300 mV at −35 cm suggested that denitrification 

could have become the primary source of N2O after the last irrigation event at −35 cm or below [32]. 

This assumption is supported by the observation that the subsequent drainage event led to an 

increase in Eh, but a decrease in N2O emission. This is consistent with previous studies, in which the 

maximal denitrification rate occurred in an Eh range of +150 to +300 mV [64,65]. 

5. Conclusions 

We established a lysimeter system for the determination of soil water and Eh as well as N2O gas 

emissions in the laboratory to study the effects of irrigation and drainage events on soil N dynamics 

and N2O emissions from agricultural soils. Our lysimeter experiments mimicked agricultural 

irrigation and fertilization management. Overall, our results revealed a close relationship between 

soil hydrologic conditions, soil Eh, and soil N dynamics in a controlled environment. At an 

intermediate soil moisture level, nitrification was the dominant source of N2O, and fertilization with 

NH4+ stimulated nitrification and further increased its N2O source strength. Near soil saturation, the 

dominating N2O source process shifted from nitrification towards denitrification. Our results suggest 

that the soil Eh is a suitable indicator for the two dominant N2O source processes, i.e., hydroxylamine 

oxidation and nitrite reduction. Furthermore, the results of this study identify soil Eh variations as 

an additional control variable of soil N turnover, beside soil water and mineral N content. However, 

we also found that the change in Eh is not only related to soil water potential, but also to the type and 

abundance of ions and to the activity of microorganisms in the soil. 

There is still a need for a transfer of our experimental approach to field conditions across 

different soil textures to extend the implications of our findings. In particular, stable isotope 

measurements should be conducted simultaneously to the Eh and N2O emission measurements in 

the field experiments to trace the N2O pathways along the soil profile. This will allow the 

identification of the hotspots of N2O reduction, as the formation and consumption of N2O can occur 

in close vicinity to each other in the soil and cannot be disentangled by Eh measurements alone. 

Finally, more research is required to unravel the link between Eh variations and soil microbial 

activities and to disentangle the relative effects of the variations of soil Eh, water content, and water 

table height on soil N dynamics and N2O emissions. 
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